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Amphibians are key health indicator species and important sentinels for
ecosystem health. With 32% of amphibians threatened with extinction, and an additional
25% without enough data on record to fully understand their status, amphibians are
facing what is being called the Amphibian Extinction Crisis. Of caudate amphibians
(salamanders/newts), 49.8% are threatened or endangered, making them currently the
most threatened vertebrate taxa. As a result of the Amphibian Extinction Crisis, it is
imperative that captive breeding facilities be established as a hedge against future
amphibian extinctions. Unfortunately, captive assurance colonies face frequent failure
due to lack of natural stimuli, which are necessary for amphibian breeding. Therefore,
assisted reproductive technologies (ART) have been employed to reproduce endangered
amphibians, increasing the success of captive assurance colonies worldwide. Over the
last decade, a great deal of attention has been given to restoring anuran (frog/toad)
populations through captive breeding, but little attention has been given to preservation
of caudate species. Caudate amphibians are notoriously difficult to breed in captivity,
thus it is crucial that ART be developed to help preserve endangered caudates sooner,

rather than later. The following studies highlight some of the first attempts at developing
ART protocols in caudate amphibians. Protocols were developed for: hormone induction
of gamete production; cryopreservation of salamander sperm; and in vitro fertilization.
These protocols were developed for the common, model species Ambystoma tigrinum in
order to assure safety and efficiency for later application in endangered species.

DEDICATION
This research is dedicated to the salamanders. These little creature are deserving
of much more recognition than they receive. We hope that these small steps we have
achieved with this work will lead to further, greater steps in the preservation of these
marvelous creatures.
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CHAPTER I
INTRODUCTION AND LITERATURE REVIEW
Crisis and Conservation
The Amphibian Extinction Crisis
Extinction. This is a word that brings to mind prehistoric beasts and rare, almost
mythical animals. Very rarely does this word bring to mind the image of a salamander or
frog. However, amphibians are currently facing global declines and extinction rates that
are greater than any other taxa [Gascon et al, 2005; Hoffmann et al, 2010]. These
extinctions and declines have been alarming to scientists as they have characteristics of a
potential extinction event. Amphibians of many species started declining rapidly all
around the same time, these declines were occurring simultaneously globally, and
declines were occurring in areas that should be protected, natural areas [Collins &
Storfer, 2003]. With 32% of amphibians threatened with extinction, and an additional
25% without enough data on record to fully comprehend their endangered status,
amphibians are facing what is being called the Amphibian Extinction Crisis. Amphibians
are broken down into three families: the anurans (frogs and toads), the caecilians, and the
caudates (salamanders and newts). Of anurans, 31.6% are known to be threatened or
endangered. Of caecilians, only 3.4% are known to be threatened or endangered, but
these are a very rare and secretive order of amphibians with 67.0% of species lacking in
data sufficient to understand endangered status. Of caudates, 49.8% are threatened or
1

endangered, making them currently the most threatened vertebrate taxa [Stuart et al,
2004]. The amphibian extinction rates led scientists to discover that the Earth is likely
facing its sixth mass extinction event [Barnosky et al, 2011; Wake & Vrendenburg,
2008]. The last mass extinction event was seen in the Triassic period, and it has been
confirmed that the current animal extinction rates are equivalent to, if not faster than,
those seen at the time of the previous five mass extinction events [Barnosky et al, 2011].
What is most alarming about this extinction event is that most of the causes of animal
extinction are man-driven. Global warming, pollution, and habitat fragmentation are all
major contributors to the disappearances of species [Collins & Storfer, 2003; Kolbert,
2014; Wake & Vrendenburg, 2008].
Those who work with amphibians can hardly suppress a shudder when
Batrachochytrium spp is uttered.The species B. dendritobates is infamous for having
played a part in declines and extinctions of anurans all over the world, and the recently
discovered B. salamandrovins has been devastating to salamander populations in Europe
[Berger et al, 1999; Fisher et al, 2009; Martel et al, 2013]. Along with viral diseases,
such as Ranaviruses from the Iridovirus family, these diseases have been associated with
many of the declines of amphibians [Carey et al, 1999; Daszak et al, 2003; Gray et al,
2009]. As studies continue on these diseases and on the population declines, however, an
interesting trend has appeared. Batrachocytrium spp and Iridoviruses are more virulent at
cooler temperatures [Berger et al, 1999; Collins & Storfer, 2003; Daszak et al, 2003;
Gray et al, 2009; Wake & Vrendenburg, 2008]. As global warming takes place and the
overall climate has become warmer, many amphibians have been waking up earlier from
hibernation or going into hibernation later [Blaustein et al, 2001; Corn, 2005; Lips et al,
2

2008]. The atmospheric increase in temperature causes a longer autumn and spring
season with a shorter winter. While the overall environment is warmer in these
circumstances, it results in amphibians staying active longer at cooler temperatures. The
temperatures do not drop low enough in order to trigger hibernating behaviors, and so the
remain active for longer periods in cool autumn and spring. This longer period of activity
has made them more susceptible to the lethal Batrachocytrium and Ranavirus diseases
which are active at cooler temperatures [Blaustein et al, 2001; Corn, 2005; Lips et al,
2008; Wake & Vrendenburg, 2008].
Global warming is most certainly a factor in increasing susceptibility of
amphibians to disease, and thus directly declining populations by causing death
[Blaustein et al, 2001; Collins & Storfer, 2003; Corn, 2005; Lips et al, 2008; Wake &
Vrendenburg, 2008]. However, global warming also plays a role in decline of amphibian
populations through decreasing recruitment. Amphibians rely on very specific
environmental cues in order to reproduce [Clulow et al, 2014; Kouba & Vance, 2009;
Kouba et al, 2009; Roth & Obringer, 2003; Roth et al, 2010; Walls et al, 2013]. These
cues trigger release of the hormones, primarily of luteinizing hormone releasing hormone
(LHRH) at the head of the hypothalamic-pituitary-gonadal axis, which result in a relay of
activity to prepare the body for breeding [Eisthen & Krause, 2012; Kano et al, 2005; Kim
et al, 1998]. Many different cues must coordinate in order to trigger these effects. If these
cues are not coordinated or do not occur, animals will not breed [Kouba & Vance, 2009;
Kouba et al, 2009; Walls et al, 2013; Palis et al, 2006]. Under the circumstances of global
warming, frogs and salamanders are coming out of hibernation at inappropriate times
[Blaustein et al, 2001; Corn, 2005; Lips et al, 2008]. The temperatures, light cycles, and
3

barometric pressure are all cues which amphibians rely upon for triggering reproduction.
With the temperatures changing earlier, these cues are not coordinated appropriately and
many species are suffering poor recruitment or are failing to breed all together [Blaustein
et al, 2001; Collins & Storfer, 2003; Corn, 2005; Lips et al, 2008; Wake & Vrendenburg,
2008].
The main cause of global warming has been an increase in man-created air
pollution [Allen et al, 2009; Caldwell et al, 1991]. Man-made pollutants in the air, in the
water, and in the soil have all been detrimental to amphibian health. This is one of the
reasons amphibians have been dubbed an “indicator species.” Amphibian skin is highly
permeable and either absorbs or is highly affected by the chemicals it comes in contact
with. Because of these qualities, amphibians are highly susceptible to chemical changes
and toxins in the environment. When something in the environment begins to go awry,
amphibians are usually the first group of animals to show signs of illness and death.
Scientists tend to use amphibians as sentinels for environmental distress [Beebee &
Griffiths, 2005; Collins & Storfer, 2003]. Unfortunately, these qualities that act as a
benefit to humans are not a necessarily a benefit to the amphibians. Pollutants are an
additional factor in the worldwide declines in amphibians. Pollutants increase amphibian
death rates, increase susceptibility to disease, and are a cause for decreased recruitment.
Pesticide run off, including pesticides such as atrazine, cause a decreased immune system
and increased susceptibility to Ranavirus and trematode infection [Forson & Storfer,
2006; Kiesecker, 2002; Rohr et al, 2008]. Water pollutants (i.e. nitrogen waste, coal
combustion byproducts, pesticides, heavy metals) are linked to decreased recruitment by
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larval death in multiple species of amphibians [Khan & Law, 2005; Marco & OritzSantaliestra, 2009; Roe et al, 2006; Rowe et al, 2001; Wijer et al, 2003].
Pollutants not only have a direct effect on the animal, they have an effect on the
animal’s environment. Pollutants can make a habitat unlivable or destroy habitats.
Habitat destruction and habitat fragmentation, via pollutants, construction, or
deforestation, are also causes for amphibian population declines. Habitat destruction can
be a cause of both death and recruitment failure. Once amphibians settle into a habitat,
they are unlikely to migrate to a new habitat because conditions have become poor.
Habitat destruction will not encourage amphibians to leave their homes, like it will with
other animal species [Diffendorfer et al, 1995; Wolff et al, 1997]. This leads to death of
the animals living within the destroyed habitat. However, many amphibians do migrate
annually from their homes to breed. If animals from a destroyed habitat have died and are
no longer migrating to meet other populations, recruitment and genetic diversity will
decrease for that breeding population [Andersen et al, 2004; Cushman, 2006; Dixo et al,
2009]. Habitat fragmentation can have similar effects on recruitment. Construction of
homes and commercial areas can establish physical barriers which amphibians cannot
pass during the migratory breeding season [Hitchings & Beebee, 1997]. This decreases
opportunities for reproduction, decrease genetic diversity, and decrease overall
recruitment [Andersen et al, 2004; Cushman, 2006; Hitchings & Beebee, 1997]. Without
recruitment and genetic diversity, populations become smaller and more inbred. They
become more susceptible to genetic defects while their numbers decrease. Effectively,
they are slowly doomed to face extinction [Dixo et al, 2009].

5

As important sentinels to the status of the ecosystem, it is crucial to take the
dramatic global declines and extinctions of amphibian populations in earnest.
Why study salamanders?
Amphibians are critical components of the ecosystem. As animals that live half of
their life in the water and half of their life on land, they contribute to both aquatic and
terrestrial habitats in a variety of ways. All of the life stages of caudates have proven
incredibly important to forest ecosystems. In the forests of Appalachia, it is estimated that
terrestrial populations of salamanders make up almost three times the wet-weight
biomass of birds and small mammals [Burton & Likens, 1975; Davic & Welsh, 2014].
Studies confirm that in the woodlands of the northwest, the salamander count is similar to
that of the Appalachian forests [Davic & Welsh, 2014]. This tremendous number of
salamanders contributes to sustaining the health of both the terrestrial and aquatic
components of the forest ecosystem [Davic & Welsh, 2014; Semlitsch et al, 2014].
As either aquatic larvae or terrestrial adults, caudates are top predators in their
habitats. Some species are considered “keystone predators,” as they are necessary for the
management of populations in the trophic chain [Davic & Welsh, 2014; Fauth &
William, 1991; Smith, 2006]. By using ambush-predator tactics, and by eating whatever
food items will fit in their mouths, caudates regulate the competition between prey
species, including benthic macroinvertebrates, detritivores, and pest insects. As
salamanders will eat anything that fits in their large mouths, they are also important in
regulating populations of small predators. Salamanders are known to be cannibalistic
when populations are too high, and they will eat small rodents and fish [Davic & Welsh,
2014; Fauth & William, 1991; Vitt & Caldwell, 2009]. Recently, studies have shown that
6

larval salamanders of keystone species will outcompete invasive tadpole species, or
ingest invasive tadpoles, when presented with the opportunity. This implies that
salamanders are a biological barrier for protecting the environment from invasive species
[Smith, 2006].
When salamanders hatch out as aquatic larvae, they have immediately become
critical to the health of the water system in which they live. Tiny larvae feed on benthic
macroinvertebrates and as they age, they feed on larger insects, fish, and bottom feeders.
By feeding on the many levels of aquatic fauna and regulating their populations,
salamanders help to maintain appropriate chemical balance of water systems. Salamander
behavior and diet help to manage nitrate levels and keep the aquatic system a non-toxic
habitat. If larval salamander populations are altered, resulting dramatic changes in trophic
chains and in nitrogen cycles can lead to die offs in the water column [Davic & Welsh,
2014].
As salamanders mature from aquatic to terrestrial, the importance they hold in the
ecosystem also shifts from aquatic to terrestrial. Terrestrial salamanders are highly
important to the health of soil and trees. Terrestrial salamanders burrow in tunnels, both
shallow and deep, in order to hide during the daylight hours. These burrowing habits
benefit the nitrogen cycle of plants through aeration of soil around plant roots [Davic &
Welsh, 2014; Semlitsch et al, 2014; Walton & Steckler, 2005]. As they burrow,
salamanders once more consume any food item that will fit into their mouths. Their
terrestrial feeding habits, along with balancing the overall trophic levels, help to regulate
populations of the micro fauna in the earth. Micro fauna in the soil maintain appropriate
levels of leaf litter, detritus, and carrion on the forest floor. This allows for balance in the
7

nitrogen cycle, the carbon cycle, and the allowance for appropriate nutrition to reach
plant roots [Davic & Welsh, 2014; Walton & Steckler, 2005; Wyman, 1998].
Due to their importance to tree and soil health, salamanders are frequently studied
by foresters. Studies are often focused on assurance that the cycling of timber stands will
no disrupt the life cycles of the salamanders [Macneil et al, 2014]. More research is
warranted in this area, but there is some evidence salamanders could be of economic
benefit to the timber industry if cycling of plots is planned appropriately [Macneil et al,
2014; Vanderberg et al, 2012]. There is additional evidence that the presence of
salamanders in the ecosystem is important to reducing CO2 levels emitted. It is
hypothesized that, because the burrowing and dietary habits of salamanders result the
appropriate levels of detritus and debris in forest floors, it also leads to a lower rate of
decay and CO2 emissions [Wyman, 1998].
As much as they benefit the environment, salamanders are also a benefit to human
health through biomedical research. Salamanders are frequently used in biomedical
research in order to further the progress and development of human tissue regeneration,
human healing, and human immune capabilities. These animals have a notable
regenerative capability of tissues which mammals do not commonly regenerate, including
nervous tissue, cardiac tissue, and retinal tissue [Godwin, 2014; Islam et al, 2014;
Piatkowski & Braun, 2014; Singh et al, 2015; Witman et al, 2011; Zukor et al, 2011].
Culturing and maintaining salamander organ tissues outside the body has also shown to
be relatively simple compared to mammals [Piatkowski & Braun, 2014]. Researchers
hope that studies of the cell interactions in these tissues can be applied to future
replacement of damaged tissue in humans, not only curing disease but extending life
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[Islam et al, 2014; Piatkowski & Braun, 2014; Taylor, 2015]. Caudates have long been
used in studies to assess the effects of carcinogens on cell division, cell growth, and cell
healing [Keramitsoglou et al, 2002; Koussoulakos, 1992; Tsonis, 1983]. However, a
recent graduate student thesis showed greater implications of the newt immune system in
humane health. This novel study showed that eastern newt (Notophthalmus viridiscens)
cells have the ability to fight the effects of these cell stressors and potentially prevent
cancer [Linklater, 2011]. Salamander and newt skin cells are also well known to produce
antimicrobial secretions to ward off diseases in the immediate environment [Walke et al,
2014]. One study showed that animals of the same species will display different
adaptations in their skin secretions, depending on the microbial environment [Brucker et
al, 2008; Lam et al, 2011; Qu et al, 2015; Walke et al, 2014]. Additionally, Japanese fire
belly newts and the Spanish ribbed newt (Pleurodeles waltl) have been sent to space to
help us understand the long term effects of space travel on astronauts [Gualandris-Parisot
et al, 2001; Yamashita et al, 2001]. Biomedical researchers have learned a great deal
from the physiology of salamanders and can learn a great deal more.
A need for salamander studies
Aside from playing crucial roles in the ecosystem, amphibians are important
sentinels for disease, toxins, or any sign of disturbance in the environment. These animals
are very sensitive to changes, and as such their populations are frequently some of the
first to be affected by problems in the health of the ecosystem. This makes amphibians
excellent indicator species. Despite caudates having a larger percentage of species
verging on extinction, most conservation efforts have focused on anuran repopulation and
habitat restoration. Habitat restoration, in many cases, is similar for both species. Many
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species of caudates and anurans breed in vernal, or seasonal, pools. They rely on the wet
and dry cycle of these pools for appropriate breeding cues and, later, metamorphosis
cues. Efforts have been made to protect and restore these pools, with a focus species such
as the common spadefoot toad, crested newts, and wood frogs [Petranka et al, 2007;
Rannap et al, 2009]. No doubt caudate species, such as Ambystomids and Notopthalmus
have benefitted from these efforts. When it comes to the efforts of repopulation, very few
efforts have been made on behalf of caudates. Much of the reason for this lack of effort is
due to the extreme difficulty in reproduction of caudates in captivity. Assisted
reproductive technologies must be developed for caudates in order to increase success of
captive assurance colonies and increase the success of reintroductions.
Assisted Reproductive Technologies (ART)
ART as tools in conservation
“The first law of intelligent tinkering is to save all the parts.”
-Aldo Leopold
As the earth enters the sixth extinction crisis, it is important for conservationists to
maintain populations of animals that are at risk. Preservation of habitat and the
environment is also key in order to prevent further loss and to allow animals to prosper.
However, if there are no animals left in a population, the efforts of habitat preservation
are futile for the purposes of species preservation. With the ecological problems in both
the environment and with animal populations being primarily manmade, the question of
preserving habitat or populations becomes a chicken and the egg type question. It would
be impractical to wait until the habitat was ideal to begin rebuilding populations, as this
would cause severe population crashes and genetic disasters [Gascon et al, 2005;
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Pedrono, 2011]. Conversely, focusing only on building populations and ignoring the
detriment of the environment would not resolve the population declines. The true answer
is that both approaches must be taken for ultimate success [Clulow et al, 2014; Gascon et
al, 2005; Kouba & Vance, 2009; Kouba et al, 2009; Langwig et al, 2015].
While captive breeding of animals in order to rescue populations, keep
populations safe, and maintain genetics of rare animals is an intuitive process, it is not
always straightforward. Many animals are not easy to breed in captivity. Most species
rely on external stimuli, such as day length, temperature, or food availability, in order to
trigger a hormonal response and cue the breeding season [Hahn, 1995; Hau et al, 2000;
Kouba & Vance, 2009; Kouba et al, 2009; Swanson et al, 1996]. Additionally, many
species are susceptible to failure of conception, high infant mortality, stillbirths, or
rejection of offspring by the mother when bred in captivity [Caro, 1998; Taylor & Poole,
1998; Wildt, 1991]. The reason for these phenomena in most species is still unknown,
unstable social groups, diet, and inappropriate behavioral enrichment being some of the
hypotheses for cause [Caro, 1998; Debsyer, 1995; Merola, 1994; Silk et al, 1981; Snyder
et al, 1996; Taylor & Poole, 1998]. Inability to appropriately determine the timing of
estrus, effects of stress and cortisol levels on other hormones, and inbreeding depression
are also potential causes [Bahr et al., 1998; Bardi et al, 2004; Carlstead & Brown, 2005;
Mason, 2010; Taylor & Poole, 1998].
Because captive breeding can be very challenging to manage naturally, the use of
Assisted Reproductive Technologies (ART) are often enlisted. Using these technologies,
external stimuli can be bypassed and natural hormone cycles can be simulated [Kouba &
Vance, 2009; Kouba et al, 2009; Roth & Obringer, 2003; Watson & Holt, 2001; Wildt,
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1991; Wildt et al, 1995]. In species with small populations, genetics can be shared
efficiently across long distances by freezing sperm and utilizing artificial insemination
techniques. This way, animals do not need to undergo stressful and potentially dangerous
transportation for the sake of breeding [Clulow et al, 2014; Kouba et al, 2009; Wildt et al,
1995]. Gametes can be stored indefinitely to ensure preservation of genetics from aging
animals. These stored gametes can be used to help maintain genetic diversity and keep
specific bloodlines from dying out [Clulow et al, 2014; Kouba et al, 2009; Watson &
Holt, 2001; Wildt et al, 1995].
Assisted reproductive technologies are used commonly in conservation of
animals. These techniques were first developed in domestic animals. Artificial
insemination (AI) was the first used reproductive technology in animals, and was first
reportedly performed in 1784 in the dog [Foote, 2002]. It became widely used in
agricultural practice for selection of specific genes throughout the 1930s and is still a
technology that is depended on in the industry today [Foote, 2002; Dresser, 1988]. In
1949, it was discovered that sperm of roosters could be frozen and stored at low
temperatures using glycerol as a cryoprotectant [Smith & Polge, 1950]. This
revolutionized assisted reproductive technologies and the management of genetics in
agriculture, as it made genes easy to store and transport long distances.
The application of these technologies became common in wildlife in the late
1900s. Despite techniques such as AI and cryopreservation of sperm being used
frequently for the purposes of conservation, these techniques are far from perfected in
wild animals and often fail. Due to the difficulty of replicating a perfect environment for
animals in captivity, even with the assistance of ART captive breeding is a challenge
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[Snyder et al, 1996; Wildt & Wemmer, 1999]. The idea is to provide what tools and
resources that are available to give a species and a population its best chance [Wildt &
Wemmer, 1999].
Historical use of ART in captive amphibian facilities
While ART has been commonplace in conservation over the last fifty years, it was
not until the last decade that these techniques were applied to amphibians. In general,
amphibians rely on reproductive cues from nature in order to begin the breeding season.
Cues such as changes in temperature, humidity, day length, or barometric pressure are
very common triggers for amphibian reproduction [Duellman & Trueb, 1994; Vitt &
Caldwell, 2009]. Examples of how these changes effect the physiology of the animals
include light cues. Light cues trigger regulation of melatonin in the pineal gland, which
regulates dopamine release. Dopamine inhibits the release of luteinizing hormone
releasing hormone (LHRH), so depending on the season LHRH will either be inhibited or
increased based on the light cycle [Chowdhury et al, 2008; Norris, 2011; Norris et al,
1985; Norris & Jones, 1987; Ogielska, 2009]. Cues that interacts with light cues are
temperature cues. Temperature, which appears to be the stronger cue than light in
amphibian species than in other vertebrates, also affects LHRH, mainly by stimulating
production. While the cue for stimulation is species specific (i.e. cool temperatures in
Ambystoma tigrinum and warm temperatures in Ambystoma laterale), the temperature, in
coordination with the light, must change appropriately in order for the LHRH levels to
successfully increase [Kim et al, 1998; Norris, 2011; Norris et al, 1985; Norris et al 1987;
Ogielska, 2009].
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Many species of salamanders migrate to breed, typically migrating to a location
which has specific requirements, such as grass type, foliage thickness, amount of
invertebrate life, or depth of water in order to breed [Caldwell et al, 1991; Means &
Baggett, 1996; Palis et al, 2006; Semlitsch, 2008]. Animals migrate to the same location
every year and exploratory behavior has not been observed when pond sites become
unsuitable for breeding [Semlitsch, 2008]. It is thought that prolactin is involved in
stimulating the behavior of migration for reproduction [Duvall & Norris, 1977; Grace,
2003], although some evidence disputes this hypothesis [Hasumi, 2007]. In captivity, the
specific cues that trigger the any changes in hormones, leading to the reproductive event,
are very difficult to replicate in salamanders. Additionally, the specific requirements for
breeding habitat are very difficult to replicate. While some species have been
successfully bred by building outdoor captive breeding facilities [Clare, Personal
Communication], if specific soil, pH, plant life, or chemical water balance cannot be
replicated, breeding will not occur [Caldwell et al, 1991; Horne & Dunson 1, 1994;
Horne & Dunson 2, 1994;, Kutka & Bachmann, 1990; Palis, et al, 2006; Rowe et al,
2001; Rowe et al, 1993].
Use of exogenous hormones in amphibians
In anurans, natural cues are as difficult to replicate as in caudates, but this has
often been overcome by the use of exogenous hormones to stimulate reproductive
behavior or the release of gametes [Clulow et al, 2014; Gascon et al, 2005; Kouba &
Vance, 2009; Roth & Obringer, 2003]. Most of these protocols focus on the use of human
chorionic gonadotropin (hCG), luteinizing hormone releasing hormone (LHRH), and
dopamine antagonists (Ovaprim™: domperidone; Amphiplex ™: metoclopramide)
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[Clulow et al. 2014; Trudeau et al, 2010; Trudeau et al, 2013; Kouba & Vance, 2009;
Roth & Obringer, 2003]. These methods have been utilized in salamanders, but
frequently are not able to be replicated. Most caudate studies have focused on LHRH,
hCG, or arginine vasotocin (AVT) [Figel, 2013; Mansour, et al, 2011; Stoops et al, 2014;
Toyoda et al, 2003; Trottier & Armstrong, 1975; Uteshev et al, 2015].
Luteinizing hormone releasing hormone (LHRH), also known as gonadotropin
releasing hormone, is a polypeptide which signals from the hypothalamus for the release
of luteinizing hormone from the pituitary. In amphibians, LHRH appears to be regulated
mostly by external stimuli and environmental cues [Eisthen & Krause, 2012; Stoops et al,
2014; Clulow et al, 2014; Kouba & Vance, 2009; Kouba et al, 2009]. Stimuli such as
pheromones and chemosensory cues activate a group of LHRH producing neurons near
the Terminal Nerve in the olfactory epithelium, but it has yet to be determined if these
receptors are excitatory or inhibitory in amphibians [Kim et al, 2013; Norris & Lopez,
2011; Ogielska, 2009]. Unlike in mammals and avians, LHRH is not pulsatile in
amphibians but rather is released continuously [Norris & Lopez, 2011; Norris et al, 1985;
Norris & Jones, 1987; Ogielska, 2009]. While amphibians hibernate or bromate during
their non-mating seasons, LHRH continues to release at a low rate and luteinizing
hormone (LH) and follicle stimulating hormone (FSH) build up in the pituitary for
release in large amounts when the breeding season begins. Release of these hormones
during hibernation is inhibited by dopamine, which is one of the reasons dopamine
antagonists are used in assisted reproductive technologies of amphibians [Kano et al,
2005; Kikuyama et al, 2005; Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones,
1987]. LHRH receptors are present in the gonads as well, and it is hypothesized that
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LHRH acts directly on the gonads to increase steroidogenesis. The steroid hormones,
produced by stimulation from the gonadotropins and LHRH, in turn produce a negative
feedback loop and inhibit the activity of LHRH [Norris & Lopez, 2011; Norris et al,
1985; Norris & Jones, 1987; Ogeilska, 2009].
The hormone human chorionic gonadotropic (hCG) is one of a family of four
related glycoprotein hormones: hCG , follicle stimulating hormone (FSH), luteinizing
hormone (LH), and thyroid stimulating hormone (TSH). All four of these glycoproteins
consist of one α subunit and one β subunit which come together to form a dimer. The α
subunits are identical in each of these hormones; the β subunit is the part of the dimer that
gives each hormone its unique quality. The β subunits for these hormones have been
found to be highly conserved across all vertebrate species, especially in the receptor
reactive sites. Of these four hormones, both LH and hCG share the same receptor [Atger
et al, 1995; Moyle et al, 1995]. Because the LH/hCG receptor is shared, it is common to
use hCG as substitution, or analog, of LH in medical treatments and in experiments
[Zhang et al, 2015]. Human chorionic gonadotropin is created by the human fetus and it
functions in human maternal recognition of pregnancy, as well as helps to increase
progesterone and maintain the corpus luteum [Senger, 2005]. Even though hCG naturally
is a hormone secreted only through the placenta during pregnancy in females, it does
have analogous effects to LH in males. In some instances, hCG has a higher affinity for
LH/hCG receptors and, because of this, it has been used as a therapeutic replacement for
LH [Atger et al, 1995; Moyle et al, 1995; Senger, 2005].
While hCG is only found in primates, LH/hCG receptors are found in most
vertebrate species. Across vertebrate species, there is a leucine rich repeat domain
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(LRRD) which is highly conserved that is critical for binding both LH and hCG. While
conservation of the binding site does not necessitate binding of the hCG ligand, a study in
zebrafish showed that, when given exogenous hCG, the fish LH receptors very
specifically bound hCG [Kwok, 2005]. LH, after being released from the pituitary, binds
to receptors in the gonads and is responsible for spermiation, ovulation, and testosterone
synthesis [Senger, 2005; Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones,
1987].
Additionally, there is evidence that many non-mammalian vertebrate FSHreceptors are not selective for FSH and will bind the other glycoprotein dimers in this
family [Bogerd et al, 2005]. Therefore, in these animals, hCG will provide the effects of
both FSH and LH. FSH, after being released from the pituitary, binds to receptors on the
gonads and is responsible for spermatogenesis, oogenesis, and conversion of testosterone
to estrogen [Senger, 2005; Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones,
1987].
Arginine vasotocin (AVT) is a peptide hormone that can act as an analog to the
mammalian oxytocin [Norris & Lopez, 2011; Vitt & Caldwell, 2009]. This hormone is
typically used in studies of sexual behavior and sexual receptivity [Kim et al, 2013;
Propper & Dixon, 1997; Toyoda et al, 2003; Woolley et al, 2004]. The control and
production of this hormone is not well understood, but calcitonin, prolactin, and
prostaglandin are intricately involved in its regulation [Norris & Lopez, 2011; Norris et
al, 1985; Norris & Jones, 1987; Ogielska, 2009]. AVT is known to be involved in mating
and courtship behaviors in caudates and it has been shown to have pheromone activity
[Rajchard, 2005; Toyoda et al, 2003]. It is also involved in the contraction of the oviduct
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in the female, leading to oviposition, and the contraction of the vas deferens in the male,
leading to spermiation [Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987;
Ogielska, 2009].
Historically when using these hormones to exogenously induce reproductive
activity in caudates, the species that have been selected have been highly inbred or highly
acclimated laboratory species [Mansour et al, 2011; Trottier & Armstrong, 1975; Figel,
2013], or they have been animals freshly caught from the wild during breeding season
and are likely to respond to hormone stimulation readily [Uteshev et al, 2015; Stoops et
al, 2014].
Use of artificial fertilization techniques in amphibian conservation
Since the first artificial insemination (AI) took place in 1784, humans have been
applying this technology to animals in order to manage population genetics and
recruitment [Foote, 2002]. It was not until the late 1900s that the application of this
technology spread from agriculture into wildlife, and it was not until the last decade that
this technology was applied more widely for use in conservation of amphibians.
Amphibians were first reproduced by artificial fertilization techniques for laboratory
breeding purposes. This had been done as early as the 1930s in Rana species and was
commonplace in Xenopus species in the 1970 and 1980s [Hollinger & Corton, 1980;
Rugh, 1934; Wolf & Hedrick, 1971]. Artificial fertilization of this manner was solely for
experimental purposes and managing the genetics of laboratory populations. It would be
decades later until artificial fertilization would be researched more extensively for
purposes of conservation in amphibians. [Clulow et al, 2014; Gascon et al, 2005; Kouba+
& Vance, 2009; Roth & Obringer, 2003]
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The majority of research available on artificial fertilization techniques in
amphibians is for anurans, more specifically for Rana and Bufo species [Clulow et al,
2014; Browne et al, 2006; Browne & Zippel, 2007; Calatayud et al, 2015; Calatayud et al,
2016; Kouba & Vance, 2009; Roth & Obringer, 2003; Roth et al, 2010; Trudeau et al,
2013; Trudeau et al, 2010; Waggener & Carroll, 1998]. More information is becoming
available within additional taxa [Sherman et al, 2008; Toro & Michael, 2004; Trudeau et
al, 2013; Trudeau et al, 2010; Waggener & Carroll, 1998], however information is still
growing. Artificial insemination in most species of anurans must take place via in vitro
fertilization, as the majority of anurans undergo external fertilization [Duellman & Trueb,
1994; Vitt & Caldwell, 2009]. In the majority of caudates, however, fertilization is an
internal process. Therefore, in caudates, artificial fertilization can occur via in vitro
fertilization or via direct internal AI into the cloaca. While many attempts at in vitro
fertilization in caudates have followed procedures outlined by anuran protocols [Mansour
et al, 2011; Stoops et al, 2014; Trottier & Armstrong, 1975], there have been some
reports of attempted internal artificial insemination in aquatic species of caudates with
success [Toyoda et al 2003; Watanabe et al, 2003; Watanabe, 2010].
As caudate populations continue to decrease, captive assurance colonies seek
tools which allow efficient ways to both help increase numbers and manage population
genetics [Kouba & Vance, 2009; Kouba et al, 2009; Clulow et al, 2014; Roth &
Obringer, 2003]. In vitro fertilization (IVF) is one such tool. Through either by
hormonally inducing animals to produce gametes, or by collecting gametes from
reproductively active animals, IVF allows the selectively pairing of genetics through
selective uniting of gametes [Browne & Zippel, 2007; Kouba & Vance, 2009; Kouba et
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al, 2009; Wildt et al, 1995; Wildt et al, 1999]. Underrepresented genetics in a population
can be represented more prominently through the use of IVF. Genetics of aging founders
may be preserved within a population where, in the wild, there would be little chance of
mating opportunities for aged animals The opportunities provided with IVF help ensure
that valuable genetics continue to be maintained within a population [Browne & Zippel,
2007; Kouba & Vance, 2009; Kouba et al, 2009]. IVF allows for efficient and low risk
long distance matings; animals in distant populations can be bred by shipping gametes
rather than entire animals. By shipping only gametes, stress is decreased, risk to the
animal is decreased, and, with ease of shipment of multiple gametes, the opportunity for
multiple breeding attempts is increased [Kouba & Vance, 2009; Kouba et al, 2009; Wildt
et al, 1995; Wildt & Wemmer, 1999]. The potential to increase fertility also exists with
IVF due to the opportunity to control variables affecting the sperm and the eggs.
Variables, such as sperm concentration, can be manipulated in order to achieve maximal
fertilization [Browne & Zippel, 2007; Kouba & Vance, 2009; Kouba et al, 2009].
The sperm concentration is a critical component to consider when performing an
IVF. If the sperm to egg ration is too low, low fertilization will occur. However, if the
sperm to egg ratio is too high, there is a danger, particularly in lower vertebrates, of
polyspermy. In amphibians and other lower vertebrates, the occurrence of multiple sperm
fertilizing the egg, or polyspermy, occurs much more frequently than in higher
vertebrates. If too many sperm fertilize the egg, abortion will occur. There are
mechanisms in place in all vertebrates and most invertebrates which prevent polyspermy
from occurring. These mechanisms differ slightly in lower vertebrates and higher
vertebrates. Most animals have what is called a “fast polyspermy block” mechanism. This
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mechanism is activated almost immediately after fertilization when contact of the
spermatozoa with the oocyte membrane results in rapid depolarization of the oocyte.
Depolarization occurs much faster in lower vertebrates than in mammals. This results in
faster repolarization of the egg, as well. It has been determined that, due to the rapid
repolarization of the egg, many lower vertebrates can be re-fertilized sooner than
mammals. [Harada et al, 2011; Iwao, 2012; Toro & Michael, 2004]. In order to ensure
that too many sperm do not re-fertilize the egg and cause abortion, it is important to
finely balance the sperm to egg ratio when performing an IVF so that enough fertilization
is achieved without causing polyspermy.
Due to the nature of their environmentally hardy sperm and eggs, IVF is rather
simplistic in amphibians. Because most anurans, and some caudates, undergo extremal
fertilization, it is natural to collect sperm and eggs and combine them in the external
environment. For such animals, it IVF can consist of collecting sperm and eggs, either by
hormonal induction or in seasonally breeding animals, and combine them in a Petri dish
[Browne & Zippel, 2007; Kouba & Vance, 2009; Kouba et al, 2009]. Unfortunately, most
caudates do not undergo internal fertilization and this presents some challenges to the
typical amphibian IVF model. However, regardless of fertilization method, caudate eggs
and sperm are designed to survive in the external environment. While it may not be
natural for fertilization to occur externally in most caudates, the sperm and the eggs
survive readily in the environment, allowing for external IVF attempts in the same
manner as externally fertilizing amphibians. The sperm of internally fertilizing caudates
is naturally deposited into the environment in a condensed “packet” which is called a
spermatophore. The spermatophore can survive to the outdoor environment, sometimes in
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freezing temperatures, for anywhere from hours to days dependent on species [Russell et
al, 1981; Selmi et al, 1997; Sever et al, 1985]. Much like anuran eggs, caudate eggs are
anamniotic. Therefore, they must be laid in water or in moist areas so that they can
effectively expel waste as they develop exposed to the environment [Duellman & Trueb,
1994; Vitt & Caldwell, 2009]. Because caudate sperm and eggs are designed to survive in
an external environment, use of the same protocols for IVF in externally fertilizing
amphibians are plausible.
An additional tool which makes IVF even more efficient is cryopreservation of
gametes. By banking genetic resources for use in IVF, valuable genetics can be
maintained effectively.
Use of genetic resource banking in amphibian conservation
The turning point in cryopreservation science was the discovery of glycerol for
use as a cryoprotective agent in rooster sperm in 1949 [Smith & Polge, 1950]. After this
point, the understanding of cryopreservation and cryoprotectants increased dramatically.
Application in agriculture. Soon after, cryoprotective protocols for bulls were developed,
with boars and rams following. It was nearly thirty years before cryoprotective protocols
would be successfully used in wildlife [Wildt, 1991].
Cryopreservation of gametes is an invaluable tool for use in wildlife conservation.
Developing genetic resource banks for threatened and endangered species is a benefit to
the species, to the ecosystem, and to the overall conservation management of a
population [Wildt et al, 1995; Wildt & Wemmer, 1999]. The primary benefit of a genetic
resource bank is the ability to maintain genetic diversity. Cryopreservation grants the
ability to maintain gametes from genetically valuable animals indefinitely at low
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temperatures. Genetics can be stored and utilized long after animals are senescent or have
died. The long term storage of gametes is a critical genetic resource to draw from in order
to manage dwindling populations appropriately [Clulow et al, 2014; Kouba & Vance,
2009; Wildt et al, 1995; Wildt & Wemmer, 1999]. When breeding animals naturally,
there is always a chance that animals will not mate. By having a genetic resource bank,
the ability to perform artificial insemination or in vitro fertilization is always available in
the event a natural mating fails. The use of cryopreserved sperm in breeding events also
allows for more breeding events over longer distances. It is impractical, stressful, and
unsafe to ship animals over long distances for breeding events. Using stored gametes,
multiple packages can be sent over a great distance to multiple institutions, extending the
ability to manage genetics more efficiently. Genetic resource banks also allow
management of captive populations more efficiently, as they allow for keeping fewer
captive animals. The equipment for keeping and maintaining a genetic resource bank is
inexpensive and takes up very little space, while animal care is expensive and animal
enclosures take up space. By collecting and storing gametes and keeping minimal
animals, captive colonies can be more efficient and economic [Gascon et al, 2005;
Clulow et al, 2014; Kouba & Vance, 2009; Wildt et al, 1995; Wildt & Wemmer, 1999].
Over the last decade, more cryopreservation protocols have been developed for
anurans to help maintain genetic diversity as their populations decline [Clulow et al,
2014; Kouba & Vance, 2009]. Most of these protocols have been based on protocols for
freshwater fish, as fish sperm have similar osmolality-related properties to anuran sperm:
the spermatozoa are activated when there is a decrease in osmolality [Browne & Zippel,
2007]. A great deal of research has been devoted to the cryopreservation of fish gametes
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for agricultural purposes and interests. Dimethyl sulfoxide (DMSO), methanol, and
glycerol are the most typical cryoprotectants used in fish cryopreservation, with extenders
including Ringer’s solution, phosphate buffered saline (PBS), sucrose, egg yolk, and
bovine serum albumin (BSA) [Cabrita et al, 2010; Muchlisin, 2005]. Most frog studies
have focused on using DMSO, glycerol, sucrose, BSA, or egg yolk extended in Ringer’s
or PBS [Browne & Zippel, 2007; Clulow et al, 2014; Kouba & Vance, 2009]. There is
some evidence that DMFA and trehalose is a winning combination in anurans [Kouba &
Vance, 2009; Langhorne, 2015]. Very little information is available in salamander
cryopreservation. The only reported cryoprotectants used in salamanders are sucrose
[Figel, 2013], DMSO [Marcec et al, 2014; Unger et al, 2013], and glycerol [Unger et al,
2013].
The cryoprotectant is critical in the success of a protocol. However, as it was
discovered in the 1950s when glycerol was applied to bovine sperm, the needs of the
sperm are species specific [Fickel et al, 2007; Holt-1, 2000; Kouba & Vance, 2009;
Suquet et al, 2000; Wildt et al, 1995; Wildt & Wemmer, 1999]. There is evidence that the
needs of the sperm are individual specific, as individuals have different populations of
sperm in each ejaculate and this must be accounted for in the way the individual reacts to
the cryoprotectant [Cabrita et al, 2010; Holt-1, 2000; Holt-2, 2000; Kouba & Vance,
2009; Parks & Graham, 1992]. Cryoprotectants interact with the phosophlipid membrane
of the sperm in order to prevent damage during the cooling and thawing periods. During
cooling, the membrane hardens and ice crystals form both inside and outside of the cell.
During thawing, the membrane becomes fluid again and the crystals inside and outside
the cell melt. Damage can be inflicted to the cell during these processes, by tearing or
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rupturing of the membrane or organelles [Holt-1, 2000; Holt-2, 2000; Medeiros et al,
2002; Parks & Graham, 1992].
Cryoprotectants protect cells from the stress which is caused by freezing and
thawing. There are two major classes of cryoprotectants: permeating and non-permeating.
Permeating cryoprotectants (i.e. DMSO or glycerol) enter the cell while non-permeating
cryoprotectants (i.e. sucrose or BSA) do not cross the cell membrane [Holt-1, 2000; Holt2, 2000; Sztein et al, 2001; Suquet et al, 2000]. There are a number of ways in which
cryoprotectants help to prevent damage to the cell during freezing and thawing. The main
goal of cryoprotectants is to prevent cell shrinking and lysis during the process of
freezing and thawing. During freezing, ice crystals form outside cells and form “pockets”
of hyperosmolar areas. Cells trapped in these areas are susceptible to severe dehydration.
The addition of cryoprotectants help so that less osmotic stress is placed on the cell [Holt1, 2000; Holt-2, 2000; Parks & Graham, 1992; Sztein et al, 2001]. However, if care is not
taken to appropriately balance the cryoprotectants and use an appropriate cooling rate, the
cryoprotectants themselves can cause severe cell stress or lysis. Cryoprotectants also are
meant to help prevent or protect the cell from ice crystal formation. Many cryoprotectants
are thought to increase fluidity of the phospholipid membrane so that it becomes less
fragile and less likely to break during the cryopreservation process [Holt-1, 2000; Holt-2,
2000; Parks & Graham, 1992]. Cryoprotectants can also reduce oxidative damage to cells
by acting by reducing reactive oxygen species and lipid peroxisome damage [Bansal &
Bilaspuri, 2010; Uysal & Bucak, 2007]. After preliminary trials, four cryoprotectants
were used in the course of these salamander studies: DMSO, sucrose, trehalose, and
BSA.
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The cryoprotectant DMSO is a permeating cryoprotectant. It is a low molecular
weight permeating cryoprotectant [Anchordoguy et al, 1987]. While there are some
aspects of the mechanism of action of DMSO which are not understood, it is known to
make cells more permeable, especially to hydrophobic entities. It does this by forming
holes in the phospholipid membrane which allow small molecules to pass through. It also
disrupts the formation of ice crystals, making them less destructive to cells [Anchordoguy
et al, 1987; Gurtovenko & Anwar, 2007] .
Sucrose and trehalose are sugars that act as non-permeating cryoprotectants.
Some animals utilize these sugars as natural cryoprotectants to help prevent damage to
their cells when they freeze during the winter [Fuller, 2004]. Both are glucose
disaccharides and non-permeating cryoprotectants. They are capable of protecting the cell
membrane integrity, proteins, and liposomes [Anchordoguy et al, 1987; Storey et al,
1998; Sztein et al, 2001]. Trehalose also acts as a non-enzymatic antioxidant [Bansal &
Bilaspuri, 2010]. Bovine serum albumin (BSA) also acts as a non-enzymatic antioxidant
cryoprotectant. It is a small protein that decreases reactive oxygen species and protects
the membrane from lipid peroxidation. It also is important in maintaining membrane
integrity, and increasing fertility and motility in certain species upon thawing [Bansal &
Bilaspuri, 2010; Uysal & Bucak, 2007].].
While cryoprotectants are crucial to successful cryopreservation, the freezing and
thawing rates are what is key to success. A freezing rate must be finely balanced so that
osmolality is not disrupted to quickly and the cells do not dehydrate. Likewise, thawing
must be regulated so that cells do not lyse. It is ideal to have a freezing rate at which
vitrification occurs. Vitrification is the formation of a glass-like state in which no ice
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crystals are formed. Vitrification has not been a method commonly used in anurans, and
in attempts to vitrify amphibian sperm repeatedly it was found results were variable
within the same batch of sperm [Sargent & Mohun, 2005]. Vitrification has not been a
reported method used in caudate amphibians. Thus far, only three reports of success in
freezing and thawing viable caudate sperm have been made: two in Ambystomid species
[Figel, 2013; Marcec et al, 2014], and two in Cryptobranchids [Unger et al, 2013; Peng et
al, 2013]. All of these experiments utilized different freezing and thawing methods with
variable success. However, there is still much to be learned about the physiology and the
effect of cryopreservation on salamander sperm.
Salamander Reproduction
Salamander Sex Organs
The caudate urogenital tract is primitive. In most male caudates, the genital
kidney, or the sexual kidney, lies cranially and is connected to the testicle by the vasa
efferentia tubules. These tubules empty into the specially adapted nephrons of the genital
kidney that transport sperm into the retained Wolffian duct. The Wolffian duct either
empties directly into the cloaca or anastomoses with the collecting ducts of the kidney
where they empty into the cloaca, dependent upon species [Siegel et al, 2013; Siegel et al,
2012; Siegel et al, 2014; Siegel et al, 2010]. In females, the ovary and oviduct are distinct
from the urinary tract. The ovary proper lies caudally in females. When oocytes are
mature, they are moved through the coelomic cavity cranially by ciliary movement to the
ostium at the head of the oviduct. As eggs pass through the oviduct, they pass through the
ampulla where they obtain their egg jelly. Just before the cloaca, there is a pouch called
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the ovisac where ovulated eggs are retained until the female is ready to lay them [Sever et
al, 1996; Yamahama & Onitake, 2002].
The cloaca of salamanders is a highly specialized sex organ. While caudates have
no external genitalia, the cloaca functions as a sex gland that produces secretions,
produces pheromones, and stores sperm in females. The Cryptobranchidae and Sirenidae
orders are considered more primitive and have rudimentary specialized structures and
glands that do not function as in the more evolutionarily advanced species [Sever &
Brizzi, 1998; Sever et al, 1996]. Male salamanders have a proctodeal gland located at the
anterior opening of the cloaca [Duellman & Trueb, 1994]. While the function of this
gland is unknown in amphibians, this gland has been shown to produce secretions that
increase the motility and stamina of sperm in avians [Adkins, 1999; Mohan et al, 2002;
Singh et al, 2011]. Most female caudates have at least one small “pouch” off the side of
the cloaca called a spermatheca. The spermatheca is responsible for storing sperm until
fertilization occurs. Fertilization in most salamanders (again, the exclusions are
Cryptobranchidae and Sirinidae [Sever, 1991; Duellman & Trueb, 1994; Vitt & Caldwell,
2009]) occurs internally after the female picks up what is called a spermatophore: a
condensed packet of sperm deposited by the male into the environment. After a female
picks up the spermatophore with her cloacal lips, the sperm is stored in the spermatheca
until oviposition occurs. It is supposed that when the female is ready to lay, she pushes
the eggs from the ovisac into the cloaca and they are fertilized as they pass the
spermatheca. It is still unknown, however, how fertilization occurs internally in caudates
once the spermatophore is inside the cloaca [Charney et al, 2014; Gonzalez-Leon &
Ramirez-Pinilla, 2011; Hardy & Dent, 1987; Sever, 1991; Sever & Brizzi, 1998].
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The spermatheca allows for the storage sperm from multiple males and prior to
deposition of the sperm directly upon their eggs as the eggs exit the cloaca [Adams et al,
2005; Jones et al, 2002; Osikowski, 2007; Sever, 1991; Sever, 2002; Sever et al, 1998].
This mechanism allows some amount of genetic competition, as the male which mates
with the female first appears to have advantage over the other males [Adams et al, 2005;
Jones et al, 2002; Tennessen & Zamudio, 2003]. The method of internal fertilization has
been uniquely utilized by some species of Ambystomid salamanders that have
populations which are entirely female. These populations utilize a reproductive strategy
called kleptogenesis in which they steal spermatophores from a related species, using
enzymes within the sperm to activate their eggs [Bogart et al, 2009; Bogart et al, 2007].
While no DNA is transferred in this fertilization mechanism, occasionally the extra
genome of the male is take on by the activated egg, making the new generation
polyploidic. This polyploidy is how the entirely female populations of salamander
manage to maintain genetic diversity [Bi et al, 2009; Noel et al, 2011].
Salamander Sexing
In order to breed salamanders, it is crucial to know what sex the salamanders are.
Although it may seem a simplistic and straightforward task to sex an animal, the sex of
an amphibian is not always obtained with ease. As mentioned previously, amphibians
lack external genitalia and only have a cloaca. They also are most often lacking in
sexually dimorphic characteristics [Duellman & Trueb, 1994; Vitt & Caldwell, 2009].
Determining sex in an accurate, efficient, and non-invasive manner can be a true
challenge in amphibians. This task can become particularly difficult in the field where
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sexing of animals requires capture and release [Ollivier & Welsh, 2003; Romano et al,
2009].
As salamanders are dioecious, it is important to ensure at least one male and one
female, or gametes from both a male and a female, are present for breeding attempts.
Without accurate knowledge of the sex of animals, groups may be housed
inappropriately, irrelevant breeding attempts may be made, and time and effort may be
put into obtaining gametes from a wrongfully sexed animal [Clulow et al, 2014; Germano
et al, 2011; Kouba & Vance, 2009; Kouba et al, 2009]. For captive assurance colonies to
be successful, it is critical for the success of that the true sex of animals in both breeding
programs and in the remaining wild populations be known so that reproductive attempts
may be successful and that genetic integrity may be upheld.
Traditionally, caudates had been sexed by visually. In many salamander families,
including Salamandridae, Plethodontidae, Ambystomidae, and Proteidae, seasonal
papillae are a recognizable trait in males [Sever, 1991]. These papillae are referred to as a
seasonally dimorphic trait, and have frequently been used as an indicator of the sex of
caudate amphibians [Ollivier & Welsh, 2003; Pauly et al, 2007; Sever, 1991]. Visual
sexing of salamanders can also occur via use of sexual size dimorphism (SSD). This
method has commonly been utilized as an approach to sexing caudate amphibians
[Bakkegard & Guyer, 2004; Bruce 2000; Raymond & Hardy, 1990; Todd & Davis,
2007]. Most often, females are noted to be the larger of the species, which is consistent in
other species of amphibians, reptiles, and fish [Parker, 1992; Shine, 1979]. There is a
hypothesis that in animals with SSD, the size is the causal factor for the sex. That is,
animals that are larger become female, not animals that are female become larger. This
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hypothesis applied to the lower vertebrates which have sex determination genes that are
more malleable by the environment [Shine, 1979]. In salamanders, females typically have
a larger girth, a longer snout vent length, and a greater mass while males have a longer
tail and a longer cloaca [Alcorn et al, 2013; Bakkegard & Guyer, 2004; Bruce, 2000;
Hasumi, 2007; Raymond & Hardy, 1990; Todd & Davis, 2007; Williams et al, 2009].
New, accurate, and efficient ways to sex amphibians are always under
investigation. While ultrasound has become more popular for the use of tracking
follicular development in female amphibians [Kouba et al, 2009; Reyer & Batting, 2004;
Roth & Obringer, 2003], and can be applied to the sexing of animals [Miller & Fowler,
2012; Li et al, 2010]. The ultrasound procedure is an quick and non-invasive as collection
of morphometric data. It requires minimal handling and poses little to no risk to animals.
It also allows a view of the actual internal genitalia of the animals. While ultrasound is a
tool that is highly available to most zoos and higher institutions of learning, it is also a
tool that requires training and experience. Training beyond handling of animals would be
required in order to use ultrasound as a sexing tool, unlike with collection of
morphometric data.
Additional methods of sexing amphibians have potential. Collection of urine and
feces for hormone analysis is a plausible sex determination method [Kouba et al, 2009;
Kramer et al, 1983; Roth & Obringer, 2003]. While this is a non-invasive method and
requires little to no handling of animals, it is less practical in field application than in
captive application. The use of endoscopic surgery is an accurate method that has been
proposed for sexing of amphibians [Chai, 2015; Kouba et al, 2009; Kramer et al, 1983;
Roth & Obringer, 2003]. While this is likely an extremely accurate method of sexing, it is
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also very high risk. When considering endangered species, the risk of anesthesia may be
too great for a sexing procedure and alternative methods should be considered.
Salamander reproductive hormone cycles
In almost all vertebrates, the functions of the hypothalamic pituitary gonadal axis
(HPG) are conserved [Awruch, 2013; Sower et al, 2009]. The hormone luteinizing
hormone releasing hormone (LHRH) stimulates the pituitary to produce and release
gonadotropins, which then go on to simulate steroidogenesis, oogenesis, and
spermatogenesis in the gonads. The regulation and movement of hormones, however,
varies between classes of animals . In considering the endocrine system of a caudate
amphibian, one must not assume that hormone cycle are the same as a mammal, an avian,
or even a frog [Bentley, 1998]. Indeed, even within caudates hormone cycles will vary
[Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987; Ogielska, 2009]. There
are animals that breed annually, biannually, and biennially. There are animals that breed
in the spring and animals that breed in the fall. While, in general, the same hormones are
responsible for the same actions in the reproductive system in caudates, different levels
and different peaks will be occurring in different species throughout the year [Benner &
Woodley, 2007; Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987;
Ogielska, 2009].
While there is a great deal of temporal variation within caudates, the general
hormone cycle is very similar. In the caudate system, LHRH is released continuously,
much like in anurans. To keep this constant secretion in check, dopamine is used as a
regulator hormone. Environmental cues, including temperature and light changes, cause a
release of dopamine. Dopamine appears to be responsible for partial inhibition of LHRH
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during the non-breeding season in caudates, inhibiting an increase of reproductive
activity when it is inappropriate [Norris & Lopez, 2011; Norris et al, 1985; Norris &
Jones, 1987; Ogielska, 2009]. However, LHRH is still secreted at a low rate during the
non-breeding season and hibernation. It signals the production of luteinizing hormone
(LH) and follicle stimulating hormone (FSH) in the pituitary during this time, but
dopamine inhibits release of these hormones from the pituitary until hibernation is at an
end [Kano et al, 2005; Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987;
Ogielska, 2009].
The environment signals the increase of LHRH in caudates at the beginning of the
breeding season so that the secretion rate will increase and so that reproductive activities
may begin [Eisthen & Krause, 2012; Norris & Lopez, 2011; Norris et al, 1985; Norris &
Jones, 1987; Ogielska, 2009]. In addition to signals received from light and temperature,
caudates receive chemical signals which act on a group of LHRH producing neurons
located near the Terminal Nerve in the olfactory epithelium [Dellovade et al, 1998].
These neurons respond to chemosensory cues and pheromones, but research has not yet
determined if the neurons respond to inhibitory cues or excitatory cues. Regardless, as
newt mating relies heavily upon pheromone stimulation, the location of these cells is
optimal [Dellovade et al, 1998; Rajchard, 2005].
LHRH in caudates reaches the pituitary directly through release from
hypothalamic nerve endings. Once LHRH has been released into the pituitary, it
stimulates additional synthesis and release of FSH and LH [Norris & Lopez, 2011; Norris
et al, 1985; Norris & Jones, 1987; Ogielska, 2009]. Because the gonadotropins were
increasing slowly over the non-breeding season and hibernation, the increase of LHRH at
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the beginning of the breeding season signals the release of these stored hormones and a
large peak of these hormones can be noted entering the bloodstream, signaling the
animal’s body to prepare for reproduction [Kano et al, 2005; Norris & Lopez, 2011;
Norris et al, 1985; Norris & Jones, 1987; Ogielska, 2009]. These gonadotropic hormones
act upon the gonads to stimulate steroidogenesis, oogenesis, and spermatogenesis, and
they upregulate the uptake of more gonadotropins. Estrogens and androgens are then
produced by the gonads produce a negative feedback loop on LHRH. Estrogen also
regulates vitellogenesis, or egg yolk deposition, through receptors in the liver and adds to
the production of egg jelly [Guerriero et al, 2009; Polzonetti-Magni et al, 2004]. Both
estrogen and androgens cause seasonal growth in the cloacal sex glands. In caudates, LH
stimulates production of progesterone along with the corpus luteum as oocytes reach
maturity [Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987; Ogielska,
2009]. Progesterone down regulates estrogen, halting vitellogenesis and courtship
behavior [Guerriero et al, 2009; Norris & Lopez, 2011; Norris et al, 1985; Norris &
Jones, 1987; Ogielska, 2009]. Progesterone, secreted by both the corpora lutea and the
oocytes, ensures proper maturation of the oocytes and prepares them for oviposition
[Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987; Ogielska, 2009]. The
hormone arginine vasotocin (AVT) causes oviposition in females and spermiation in
males by contraction of the oviduct and the vas deferens, respectively, but the endocrine
trigger for release of this hormone is not entirely understood [Norris & Lopez, 2011;
Moore et al, 1992; Toyoda et al, 2003]. AVT is an important regulator of behavior and
pheromones in caudates, as well [Kim et al, 2013; Norris & Lopez, 2011; Norris et al,
1985; Norris & Jones, 1987; Ogielska, 2009; Toyoda et al, 2003]. Prostaglandin (PGF2a)
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is responsible for release of stored sperm and fertilization of the eggs. As the eggs are
oviposited, the stored sperm within the spermatheca is expelled by the prostaglandin
release [Hardy & Dent, 1987; Norris & Lopez, 2011; Norris & Jones, 1987]. Many of the
other hormones that are involved in newt reproduction are still not entirely understood.
Prolactin (PRL) is involved in many behavioral responses, such as migratory behavior,
tail growth, and courtship dancing, and also plays a part in egg jelly deposition [Hasumi,
1987; Polzonetti-Magni et al,2004; Toyoda et al, 2005; Toyoda et al, 1996; Yazawa et al,
2001]. Angiotensin II may play a role in fertility and osmoregulation of eggs [Toyoda et
al, 2003; Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987]. Thyroid
hormone plays a role in vitellogenesis and regulation of estrogen receptors, but this is not
well understood [Norris & Lopez, 2011; Norris et al, 1985; Norris & Jones, 1987].
Melatonin, which is primarily made in the retina of salamanders, is thought to have a role
in seasonality [Chowdhury et al, 2008; Norris & Lopez, 2011; Norris et al, 1985; Norris
& Jones, 1987].
Salamander oogenesis and ova structure
The oocyte is a cell within the ovary of an animal that is maintained in the
diplotene stage of prophase I, awaiting ovulation and progression into the remaining
stages of meiosis. During the embryonic and larval stages of amphibian life, oocytes are
developed from the primordial germ cells. Primordial germ cells undergo mitosis and
multiply into primary oogonia staged cells, which can be present throughout an
amphibians’ life. During the developmental stages of the ovary, somatic cells will
migrate and proliferate through the first primary oogonia, distinguishing the centralized
medulla of somatic cells and cortex of germ cells. Primary oogonia continue to undergo
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mitosis. When primary oogonia reach what will be their final mitotic division, they form
cytoplasmic bridges between cells and are now called secondary oogonia. At this stage,
secondary oogonia will begin to enter meiosis and form meiocyte cells. As meiocytes
begin to form, primary oocytes and secondary oocytes will still be present within the
ovary. Cells within the ovary are ordered, from outside of the cortex in, least mature to
most mature. Therefore, primary oogonia will be near the outer cortex and meiocytes will
be near the medulla. Oocytes (cells arrested in the diplotene stage of prophase I) begin to
arise from the meiocytes nearest to the medulla. Follicles envelope each individual
oocyte, and the oocytes begin to protrude into the ovarian lumen within the coelomic
cavity, preparing for ovulation [Duellman & Trueb, 1994; Ogielska, 2009; Norris &
Lopez, 2011; Norris & Jones, 1987; Sever et al, 1996; Vitt & Caldwell, 2009]. When the
oocytes ovulate, they are set loose into the body cavity to make their way cranially to the
ostium of the oviduct. Cilia within the wall of the body cavity actively move the oocytes
to their destination [Yamahama & Onitake, 2002; Ogielska, 2009]. The ostium of the
oviduct welcomes the oocytes, from which they enter the infundibulum. The first portion
of the oviduct is a relatively short portion called the pars recta. Within the pars recta,
oocytes are moved toward the cloaca by ciliary motion. Secretory cells within this tubule
deposit the vitelline membrane onto the oocytes as they pass by. The portion of the
oviduct following the pars recta is referred to as the pars convoluta and is a long,
tortuous tubule. Cells are propelled forward through this tubule, again, by ciliary
movement, but in a rotational manner. In the pars convoluta, secretory cells are
responsible for deposition of the thick jelly coat of the amphibian egg. The oocyte is
rotated by these secretory cells so that it may be layered with each coat of jelly
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appropriately. At the end of the pars convolute, the egg is deposited into the ovisac. The
ovisac is frequently a common pouch shared by the exit of both oviducts and has been
referred to as a “uterus.” The ovisac, or ovisacs, depending on species, open into the
cloaca. As the oocytes pass through the cloaca, they pass by the spermatheca and sperm
which has been stored by the female is directly placed onto the eggs where fertilization
occurs [Duellman & Trueb, 1994; Ogielska, 2009; Sever, 1991; Sever, 2002; Sever et al,
1996; Vitt & Caldwell, 2009].
Oogenesis in amphibians is generally thought to be sustained throughout life,
unlike in mammals. Primary oogonia act as stem cells, rebuilding the store of germ cells
before each breeding season begins. In most species, oogenesis is an annual cycle, so that
oocytes are mature at the beginning of each breeding season [Gilbert, 2000; Ogielska,
2009; Vitt & Caldwell, 2009]. There is conflicting information that suggests amphibians
are, in actuality, much like mammals and have a set number of ooctyes once they reach
maturity. These data suggest that the oocytes are recruited each season undergo
vitellogenesis, but cells cannot effectively undergo the first stages of meiosis once the
animal is of a certain age [Ogieleska, 2009]. More study should be done in this area in
order to fully understand oogenesis in amphibians.
If ovulation does not occur during the breeding season, mature oocytes can
undergo atresia. This process is commonly referred to as resorption of the eggs. When the
oocyte does not undergo ovulation, the follicular cells transform into phagocytic cells and
begin to digest the oocyte [Gilbert, 2000; Ogielska, 2009]. The atresia of oocytes is
widely recognized, but not well studied. It is commonly seen in animals with poor
nutrition [Ogielska, 2009]. On rare occasion, oocytes may become caught in a tubular
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fold of the oviduct and unable to move forward. This phenomenon is referred to as egg
retention. If the egg is not removed, it can adhere to the oviduct forming a cyst and,
sometimes, resulting in sepsis. Surgery is typically required in order to remove retained
oocytes [Wright & Whittaker, 2001].
There is great interest in the size of eggs and number of eggs deposited in a
clutch. In it more beneficial to lay more eggs of a smaller size or fewer eggs of a large
size? Is there a connection to maternal nutrition and fitness and overall egg or clutch
size? While these types of questions have yet to be answered, some studies have taken
place to attempt to shed light on the mystery. Older animals tend to lay larger eggs, and
more evenly distributed in size, eggs than younger animals [Crespi & Lessing, 2004;
Kaplan, 1985; Semlitsch & Gibbons, 1990]. Larvae from large eggs have different
survivability than larvae from small eggs, dependent on environmental conditions. Larvae
from large eggs develop slower and, overall, tend to survive better ideal conditions or
conditions where food is limited [Kaplan, 1985; Semlitsch & Gibbons, 1990].
Conversely, more larvae from small eggs and large clutches are more likely to survive in
a drought or in permanent ponds with increased predation [Semlitsch & Gibbons, 1990].
Females tend to invest more energy in large eggs and smaller clutches when laying in
typical temporary ponds whereas they tend to lay large clutches with smaller eggs when
they lay in a permanent pond [Woodward, 1982]. Part of the complication in these types
of studies in the variability in clutch and egg size across species. It is difficult to attest
that there are trends across species when the life histories of each species are so dynamic
[Bernardo, 1996].
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Salamander spermatogenesis and sperm structure
The discrete testicular organ in salamanders is made up of multiple cysts. Cysts
form when the primordial germ cell is enveloped by a Sertoli cell, creating the wall of a
cyst [Bergmann et al, 1982; Olgielska, 2009]. Spermatogenesis takes place within the
cysts of the testicle. Near the wall of the cyst, nurtured by the Sertoli cells, spermatogonia
undergo mitosis within the cysts. The spermatogonia divide to form generations of
secondary spermatogonia. These secondary spermatogonia are capable of entering
meiosis. The process of spermatogenesis, or the transition of the spermatid to
spermatozoa, occurs after the second meiotic division. During this process, the acrosome
develops and the spermatids begin to elongate [Gilbert, 2000; Ogielska, 2009]. The cysts
remain closed until the spermatids begin to elongate; at this point the cysts rupture and
release the spermatozoa into the lumen of the vas efferens [Ogielska, 2009; Siegel et al,
2014]. The Sertoli cells remain attached (unlike in anurans, where the cells detach) and
transform into hormone secreting cells [Bergmann, 1982; Ogielska, 2009]. The Sertoli
cells also form the blood testes barrier of the caudate testicles. Until the later stages of
spermatogenesis, this barrier remains permeable. As spermatogonia multiply and mature,
the junctions between Sertoli calls become tighter and more intricate, thus making the
barrier effective [Ogielska, 2009].
The process of spermatogenesis in amphibians is very similar to spermatogenesis
in mammals. There are two main stages: pre-spermatogenesis and active
spermatogenesis. Pre-spermatogenesis occurs in larval and juvenile stage amphibians that
have not yet reached maturity. In this stage, a large supply of primary spermatogonia is
formed and stored until further development can occur. Active spermatogenesis has
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multiple stages, which are based on the phase of meiotic division. The stages of sperm
development are: primary spermatogonia, secondary spermatogonia, primary
spermatocytes, secondary spermatocytes, spermatids, and spermatozoa [Gilbert, 2000;
Ogielska, 2009].
The spermatogonia are large, spherical cells which are surrounded by the
nurturing Sertoli cells. Secondary spermatogonia can by identified from primary
spermatogonia by their connecting cytoplasmic “bridges.” These secondary
spermatogonia acquire the ability to enter meiosis as they transform into primary
spermatocytes. As primary spermatocytes begin to undergo meiosis, they increase in size.
However, at the end of meiosis I, primary spermatocytes divide to form small secondary
spermatocytes. The secondary spermatocyte stage is very rapid. This is the phase is
which meiosis II occurs and, as a result, spermatids are formed. In caudates, the
spermatids are not connected by cytoplasmic bridges (contrary to in anurans). The
haploid spermatids are spherical in shape early on in their development. As they undergo
spermatogenesis, their shape begins to elongate and their nuclei condense. The acrosome
and tail are added and the mature spermatozoa are arranged in swirl-like bundles in the
center of a cyst.
The head of the mature caudate spermatozoa is long, large, and often spear or
scythe-like. Many species have an acrosomal barb at the apex, which is likely utilized in
penetration of the egg [Selmi et al, 1997]. Cytoplasmic “blebs” may be seen attached
anywhere along the head to the connecting piece. The blebs contain vacuoles and some
mitochondria. The cytoplasmic bleb is not seen consistently on all caudate spermatozoa
and the role is unknown, but may play a role in maintaining the sperm during storage
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within the spermatheca [Ogielska, 2009]. The long tail of the caudate sperm is composed
of three major pieces: the midpiece, the principal piece, and the endpiece. An undulating
membrane travels the length of the midpiece and principal piece. Mitochondria and an
axial fiber are present in the midpiece, and the short endpiece consists of only the
axoneme [Selmi et al, 1997; Ogielska, 2009].
Once the spermatozoa are mature, they are ready for spermiation. A cyst ruptures
and lets the spermatozoa out into the lumen of the central testicular duct. They are then
moved to the vas efferentia and through the genital portion of the pelvic kidney, in most
species. In some species, the vas efferentia bypass the kidneys and go straight to the
Wolffian duct. The Wolffian duct then empties into collecting ducts which enter the
cloaca. In many species, urine and sperm have separate collecting ducts through which
they exit into the cloaca, but in some species these ducts are shared [Siegel et al 2013;
Siegel et al 2012; Siegel et al, 2010]. Glands within the cloaca deposit the gel stalk and
cap onto the sperm as it exits the cloaca, forming the spermatophore [Sever & Lynne,
1985].
There is evidence in many species of salamander that spermatogenesis occurs
only during the breeding season. The testicles of many species appear to undergo atrophy
during the non-breeding season and hypertrophy during the breeding season.
Spermatogenesis is highly influenced by environmental factors, including rain,
temperature, and photoperiod [Eisthen & Krause, 2011; Ogielska, 2009; Walls et al,
2013]. There are two major methods of spermatogenesis in caudates: associated and
dissociated. Associated spermatogenesis occurs alongside increases in androgen levels.
That is, hormones signal for the production of sperm when animals are about to breed.
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Dissociated spermatogenesis, which appears to be more common in caudates, means
sperm is produced when androgens are low. In this form of spermatogenesis, hormones
signal for the production of sperm in the non-breeding season so that the testicular cysts
are full and ready when breeding begins [Benner & Woodley, 2007 ; Siegel et al, 2013;
Woodley, 1994].
Salamander sperm motility
Very little is known about activation of salamander sperm and salamander sperm
motility. In 1986, Hardy and Dent assessed the motility of sperm of the red spotted newt
in solutions of different osmolalities on the assumption that caudate sperm, much like
anuran sperm, will react to osmolality of the environment. They took sperm from the
inside of the testicles and exposed it to hypertonic, isotonic, and hypotonic solutions.
They saw the sperm was most active in the hypotonic solution, but it was also active in
the other solutions. The sperm remained active the longest in the isotonic solution. They
concluded that the sperm was activated, much like anuran sperm [Inoda & Morisawa,
1987], by hypotonic solutions. This conclusion has not been replicable, and on repeated
experiments osmolality appears to have little effect on caudate sperm motility [Siegel et
al, 2012; Marcec, Unpublished Data].
Motility of caudate sperm does appear to be affected by chemical components
within the egg jelly. Motility initiating substances appear to exist in the egg jelly of
caudates which activate the sperm during internal fertilization [Takahashi, et al, 2003;
Watanabe et al, 2003; Watanabe et al, 2010 ]. In caudates, sperm from the spermatophore
stored within the female spermatheca of the cloaca is deposited directly on the egg
surface as the eggs exit the cloaca [Sever, 1991; Sever, 2002; Sever et al, 1996]. It is not
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necessary for sperm to swim to the egg, through the reproductive system internally or
through water externally. In studies of the egg jelly factors, it appears that contact with
eggs causes opening of calcium ion channels in the sperm membrane which leads to
sudden, rapid activity [Takahashi, et al, 2003; Watanabe et al, 2003; Watanabe et al,
2010].
While it is clear egg jelly has much to do with activation of motility in caudate
sperm, there are likely still other factors involved. Caudate sperm within spermatophores
has been reported as inactive [Russell et al, 1981; Watanabe et al, 2003; Watanabe et al,
2010] and moderately active [Mansour et al, 2011; Figel, 2013]. This activity is reported
as low and slow, becoming high and fast when exposed to jelly extract [Mansour et al,
2011]. Because caudate sperm is not always entirely immobile, there is likely some factor
other than egg jelly involved in activation, but it is yet to be determined what this factor
is.
Species Studied
One of the species to be discussed of, Ambystoma tigrinum, was selected as model
species for development of ART in caudates. They were selected due to their physiology,
which covers a broad range of physiological characteristics similar to other species, and
due to their taxonomical relationships to a wide variety of endangered species. This
species is consider of “least concern” by the International Union for Conservation of
Nature, and are considered “common” by the Federal United States government.
Common species are used for the development of protocols to ensure safety and
efficiency prior to use on endangered species, and to minimize stress on endangered
species. The second species mentioned in these studies, Ambystoma laterale, is
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considered of least concern by the IUCN but is a regionally endangered species, listed at
the state level. This species was one of the target species for transfer of protocols
developed in Ambystoma tigrinum.
Ambystoma tigrinum (Eastern tiger salamander)
The eastern tiger salamander is common throughout most of North America,
ranging west to east, from Arizona to the east coast, and north to south, from
Saskatchewan to Mexico City [Conant & Collins, 1998]. They are a large species, distinct
by their pattern of a black background and a pattern of bright yellow or olive-green
splotches. Famous for their appetites, Ambystoma tigrinum are ambush predators and will
eat most any food item that will fit inside their large mouths. As a member of the “mole
salamander” family, they burrow deep underground throughout the year and are rarely
seen except for their annual breeding migrations. Ambystoma tigrinum are a fall breeding
species, with a breeding season of October through December. Reproductive migrations
to temporal pools can begin as early as September, but can occur as late as November.
Egg clutch size ranges from 50 to 1,000 eggs [Conant & Collins, 1998; Duellman &
Trueb, 1994; Vitt & Caldwell, 2009]. Larvae are known to be cannibalistic, with a
noteworthy difference in morphology in animals which are cannibalistic and those which
are not. Cannibalistic larvae have large, blunt heads and larger teeth than noncannibalistic counterparts [Walls et al, 2013; Walls et al, 1993]. Animals reach sexual
maturity at approximately three years of age. Courtship involves a male depositing a
spermatophore and coaxing a female over his spermatophore with a dance [Duellman &
Trueb, 1994; Vitt & Caldwell, 2009]. Ambystoma tigrinum are one of the species which
can participate in kleptogenesis, but are less likely to do so than Ambystoma laterale or
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Ambystoma jeffersonianum [Bogart et al, 2009; Bogart et al, 2007]. The eastern tiger
salamanders used in these studies were model species on which ART protocols could be
developed for endangered salamander species including the flatwoods salamander
(Ambystoma bishop and Ambystoma cingulatum), the California tiger salamander
(Ambystoma californiense), and the blue spotted salamander (Ambystoma laterale).
Ambystoma laterale (Blue spotted salamander)
Blue spotted salamanders range around the great lakes, through the Northeast, and
up into Quebec. Like Ambystoma tigrinum, these salamanders are a member of the “mole
salamander family.” Unlike Ambystoma tigrinum, Ambystoma laterale sometimes can be
found burrowed shallow underneath logs or leaf litter at certain times of year. Much like
Ambystoma tigrinum, the best way to find a blue spotted salamander is during the annual
breeding migrations. Blue spotted salamanders breed in the spring, usually in March or
April during the spring rains. Egg clutch sizes range from 2 to 500 eggs [Conant &
Collins, 1998; Vitt & Caldwell, 2009]. Normal mating for Ambystoma laterale occurs
much like that of Ambystoma tigrinum: the male lures the female over the spermatophore
with a tail dance [Duellman & Trueb, 1994; Vitt & Caldwell, 2009]. More populations of
Ambystoma laterale are becoming entirely female populations and, therefore, more are
practicing kleptogenesis. It is most common for Ambystoma laterale to utilize the sperm
from Ambystoma jeffersonianum in order to reproduce via kleptogenesis [Bogart et al,
2009; Bogart et al, 2007]. The Ambystoma laterale utilized in this study were part of a
captive assurance colony started via a partnership with the Iowa DNR and Omaha’s
Henry Doorly Zoo and aquarium. This species is considered regionally endangered in
Iowa. There are three breeding sites for blue spotted salamanders in Iowa, one of which
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has gone barren. The captive assurance population was taken from one of the sites that
still has breeding animals in order to breed animals in captivity that can be released to the
barren site. Protocols that were developed in model Ambystoma tigrinum have been used
to help achieve this goal.
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CHAPTER II
DEVELOPMENT OF HORMONE PROTOCOLS FOR THE INDUCTION OF
SPERMIATION IN MALE TIGER SALAMANDERS
(AMBYSTOMA TIGRINUM)
Introduction
Amphibians are essential to maintaining the health of an ecosystem, and they are
key indicator species which are important sentinels for the status of the global
environment [Beebee & Griffiths, 2005; Collins & Storfer, 2003; Davic & Welsh, 2014;
Kouba & Vance, 2009]. Amphibians are experiencing extensive population declines and
extinction rates worldwide; these collective experiences are being called the “Amphibian
Extinction Crisis” [Beebee & Griffiths, 2005; Collins & Storfer, 2003; Gascon et al.,
2005; Kouba & Vance, 2009]. Over one-third (32%) of known amphibian species are
threatened with extinction; an additional 25% of amphibians do not have enough
documented data in order to ascertain the status of their populations [Stuart et al., 2004].
As a result of the Amphibian Extinction Crisis, it is imperative that captive breeding
facilities are successfully established for the future survival of amphibian species. Over
the last decade, attempts by governmental and zoological conservation institutions have
been put forth to establish captive assurance colonies for critically endangered species of
amphibians [Browne et al., 2006; Griffiths & Pavajeau, 2008; Kouba & Vance, 2009;
Obringer et al., 2000]. Unfortunately, due to the specific environmental and physiological
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cues needed in order to induce breeding in these animals, amphibian captive assurance
colonies face frequent failure [Griffiths & Pavajeau, 2008; Kouba & Vance, 2009;
Obringer et al., 200; Stoops et al., 2014]. Some of these very specific cues include
changes in barometric pressure, humidity, temperature, and light cycles. Many species
rely in specific types of habitat for breeding, such as vernal pools, presence of specific
types of vegetation, soil pH, and presence of other fauna in the ecosystem [Duellman &
Trueb, 1994; Means et al., 1996; Vitt & Caldwell, 2009]. Without these specific cues,
amphibian species will not breed. This has been one of many complications seen in wild
amphibian populations as a result of global climate change [Blaustein et al., 2001; Corn,
2005; Lips et al., 2008; Walls et al., 2013].
Until recently, the majority of amphibian conservation efforts have focused on
anurans (frogs/toads) despite the fact that caudates (salamanders/newts) face a larger
threat of extinction (49.8% of salamanders are threatened or endangered compared to
31.6% of anurans) [Stuart et al., 2004]. As the number of caudates in both captivity and
the wild decreases rapidly, populations become unsustainable. It is in the best interest of
species preservation that assisted reproductive technologies (ART) be developed before
population recovery is no longer possible. While research efforts have been devoted to
anuran ART [Griffiths & Pavajeau, 2008; Kouba & Vance, 2009; Kouba et al., 2012;
McDonough et al., 2015; Obringer et al., 2000; Uteshev et al., 2012; Uteshev et. al. 2015;
Waggener & Carroll, 1998], reliable technologies have yet to be developed for caudates.
The lack of ART for caudates is in part due to the complicated reproductive physiology
of the salamander and newt. Caudates display a wide variety of reproductive strategies,
many of which the mechanisms are still not entirely understood [Adams et al., 2005;
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Duellman & Trueb, 1994; Jones et al., 2002; Selmi et al., 1997; Sever, 1991; Tennessen
& Zamudio, 2003; Vitt & Caldwell, 2009; Woolley et al., 2004]. While most species
within this taxa undergo internal fertilization, there are some genre which are known to
undergo external fertilization, similar to anurans [Duellman & Trueb, 1994; Sever, 1991;
Vitt & Caldwell, 2009]. Most salamanders transfer sperm by encasing it within a dense,
gelatinous packet called a spermatophore. The spermatophore can be stored within the
cloaca of a female salamander for many months, dependent on species [Sever, 1991;
Zalisko et al., 1984]. The variations in caudate reproductive methods present challenges
to the development of ART. These challenges increase the importance of developing
ART protocols sooner, rather than later, in order that such obstacles may be surmounted
before populations of animals become beyond recovery.
Hormone protocols designed for the induction of spermiation and ovulation are
the foundation of ART development. Much of the failure of amphibian captive breeding
is due to two causes: 1) failure to release gametes; or 2) failure of gametes to successfully
undergo fertilization [Kouba & Vance, 2009; Kouba et al. 2012]. The use of hormones
helps avoid the first cause of failure by inducing gamete release. Refinement of hormone
protocols, altering the amount and timing of doses, allows correction of the second cause
of failure by increasing gamete quality and/or number. The ability to induce production
of gametes on demand via hormone stimulation can circumvent environmental breeding
cues in caudates.. Induction of gamete production facilitates collection of gametes for in
vitro fertilization or cryopreservation [Kouba et al. 2012].
Very little information is available regarding the use of hormone stimulation in
caudates, The little information that is known comes from wild caught animals during
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breeding season [Hardy & Dent, 1986; Stoops et al., 2014; Uteshev et al., 2015;
Watanabe et al., 2003; Watanabe et al., 2010], or animals that are highly inbred
laboratory specimens [Figel, 2013; Mansour et al., 2011; Trottier & Armstrong, 1975].
Animals captured during breeding season will have an increased amount of
gonadotropins and steroid sex hormones cycling in the blood [Norris & Jones, 2011;
Norris & Lopez, 2011; Norris et al., 1985; Ogielska, 2009; Woodley, 1994] and are more
likely susceptible to artificial stimulation [Calisi & Bentley, 2009; St. Aubin et al., 1996].
Inbred lab specimens are only models for wild species, and their responses are not
completely analogous to wild or endangered species [Calisi & Bentley, 2009]. Thus
anurans, laboratory model species and wild caught animals in the breeding season are
limited in their utility for ART development in captive breeding, and an optimal
physiological model should be designed and tested for best results in future transfer of
protocols to endangered species of caudates.
In these experiments, an array of hormone protocols and a control protocol are
developed using the model species Ambystoma tigrinum (the eastern tiger salamander).
This species was chosen due to physiological similarities and its taxonomic relation to
threatened and endangered target species: Ambystoma laterale (the blue spotted
salamander); Ambystoma cingulatum (the flatwoods salamander); and Ambystoma
californiense (the California tiger salamander).
Hormone protocols were selected by extrapolating from previous available data in
caudates [Hardy & Dent, 1986; Mansour et al., 2011; Trottier & Armstrong, 1975;
Uteshev et al., 2015; Watanabe et al., 2003; Watanabe et al., 2010 ] and anurans [Browne
et al., 2006; Kouba & Vance, 2009; Kouba et al., 2012; Obringer et al., 2000; Wright &
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Whitaker, 2001]. The hormones utilized for the treatments are human chorionic
gonadotropin (hCG) and luteinizing hormone releasing hormone (LHRH). The
neuropeptide LHRH is a highly conserved hormone, even sharing its genetic sequence
across vertebrate and multiple invertebrate species [Kim et al., 2011; Roch et al., 2011].
The functions of LHRH also appear to be conserved across species, including the less
understood functions involving regulation of sexual behaviors [Dellovade et al., 1998;
Pawson & McNeilly, 2005]. The peptide hormone hCG is naturally produced by a
developing primate embryo and fetus for support of the corpus luteum and maintenance
of pregnancy [Cole, 2010]. While the hormone is naturally specific to humans and
primates, it is an analog for luteinizing hormone (LH). The two hormones, LH and hCG
are structurally similar and share a common receptor, the luteinizing hormone-chorionic
gonadotropin receptor (LH/CGR). Of these two hormones, hCG has been shown to have
a higher affinity for the LH/CGR receptor [Atger et al., 1995; Moyle et al., 1995] than
LH. The LH/CGR receptor is highly conserved across species, therefore use of hCG is a
reasonable way to produce effects of LH in non-primate species [Moyle et al., 1995;
Swanson et al., 2003].
Materials and Methods
All protocols for animal care and use were reviewed and approved by the IACUC
at Mississippi State University.
Experimental Animals
Fifteen sexually mature, terrestrial male eastern tiger salamanders were obtained
from private breeders. The salamanders were allowed a five month acclimation period
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prior to any experimentation. Animals were housed in tanks, (66 cm x 45.7 x 30.5 cm) ,
in groups of three to six animals. Tanks were furnished with hiding spaces in the form of
a substrate of moist sheet moss (Mosser Lee, Black River Falls, WI, USA) with a
burrowing depth of at least six cm. UVB lighting sources were provided for each tank,
and were set to timers (Intermatic, Spring Grove, IL, USA) on a natural light cycle.
Salamanders were fed on a rotating diet of earthworms and mealworms three
times a week, and each animal was hand fed to monitor intake carefully and minimize
aggression between animals within the tanks.
Induction of spermiation using exogenous hormones
Hormone treatments were scheduled over a recovery period of four weeks apart or
greater; this recovery period was selected based on previously reported recovery periods
in amphibians [McDonough et al., 2015] to ensure appropriate time between treatments
for elimination of hormones.
Preliminary trials of 26 hormone protocols in six categories were run on treatment
groups of n = 5 male eastern tiger salamanders (See Appendix A) from which 13 hormone
protocols were selected (see Table 2.1) for further analysis against a control of sterile
phosphate buffered saline ([PBS], Sigma Aldrich, St. Louis MO, USA) without any
hormone. The control and treatment groups consisted of randomly selected male eastern
tiger salamanders (n = 15). Lyophilized hCG and synthetic LHRH ([des Gly 10 D-Ala6]
LHRH ethylamide acetate salt hydrate; Sigma Aldrich, St. Louis MO, USA). were either
used as an individual dose, as a combination treatment, or as a primed treatment in which
a small amount of hormone was administered as a “prime” 24 hours prior to a larger
“spermiation dose.” (See Table 2.1). All doses were selected based on safe levels of
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hormone administered in other amphibian species [Bogaerts et al., 2012; Browne et al.,
2006; Kouba et al., 2009; Lips et al., 2008; Mansour et al. 201; Silla, 2011; Stoops et al.,
2014; Trottier & Armstrong, 1975; Uteshev et al. 2015; Uteshev et al., 2012; Waggener
& Carroll, 1998] and on preliminary trials [Marcec, Unpublished data]. For protocols on
reconstitution and administration of hormones, see Appendix B. Due to the large number
of treatments, the treatments will be referred to by coded names in order to simplify text
and tables (See Table 2.2).
Collection of sperm
Sperm collection and animal observation occurred over 72 hours, starting 1 hour
after hormone treatment. Sperm was collected hourly during the first 12 hours, and every
other hour in the period between 12-24 hours, and then every 6 hours for the remaining
48 hours. During the final 48 hour period, if sperm was obtained then the collection
interval would return to every other hour until sperm was no longer produced, at which
point 6 hour collection intervals were reinstated.
During the 72 hour collection period, animals placed in individually in plastic
containers (36 cm x 24 cm x 18 cm), placed on a gentle slope with water covering half
the accessible area. Plastic plants were placed in the water in order to allow for
spermatophore deposition. Water was changed every 24 hours, or as needed. Containers
were equipped with locking lids to prevent animal escape and covered with dark towels
during the 72 hour observation period, so as to reduce animal stress.
If an animal produced milt (a thick, milky semen-like substance) upon collection,
and/or passively produced spermatophores, it was classified as a general responder and
designated specific sperm type was noted. Quality of the two forms of sperm was
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assessed separately (see 2.2.4 Evaluation and Analysis of Milt and 2.2.5 Evaluation and
Analysis of Spermatophores).
Table 2.1

Male hormone administration protocols and their respective codes by
which they will be referred to in text and tables in Chapter II

Code

Treatment

H1

100 IU hCG

H2

200 IU hCG

H3

300 IU hCG

L1

0.025 µg/g LHRH

L2

0.05µg/g LHRH

L3

0.10 g/g LHRH

L4

0.25 g/g LHRH

L5

0.50 µg/g LHRH

PL1

Prime* 0.025 µg/g LHRH; Spermiation dose** 0.1 µg/g LHRH

PL2

Prime* 0.05 µg/g LHRH; Spermiation dose** 0.25 µg/g LHRH

C1

100 IU hCG + 0.05 µg/g LHRH

C2

200 IU hCG + 0.025 µg/g LHRH

PC

Prime* 100 IU hCG; Spermiation dose** 0.05 µg/g LHRH

*Prime (priming dose) was administered 24 hours prior to the spermiation dose
** Spermiation dose was administered 24 hours following the priming dose (prime)
At each collection time point, any spermatophores observed in the water were
gently removed from the container via transfer pipette and immediately placed on a glass
slide for further analysis. The milt collection procedure was performed by picking up the
animal and holding it such that the ventral side of the animal faced the collector. The
animal was observed for sexual behaviors and cloacal puckering at this time (see
Appendix C: Physical and Behavioral Analysis). After cloacal stimulation, the sides of
the animal were firmly massaged for the stimulation of milt production (See Appendix B
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for more detailed procedures). Milt would be pipetted directly into a microcentrifuge
tube in 10 µL increments. If the animal did not produce milt via massage, a small piece
flexible 0.86 mm x 1.32 mm micro medical tube (Scientific Commodities Inc., Lake
Harvest City AZ) was used as a catheter in order to stimulate milt production. Milt was
allowed to fill the catheter tube a maximum of three times before discontinuing
catheterization.
Evaluation and analysis of milt
Two µL of the freshly collected milt was diluted 1:100 in a 10% Holtfreter’s
solution (5.9mM NaCl, 0.67mM KCl, 0.76mM CaCl2, 2.4mM NaHCO3), and sperm was
analyzed for concentration, percent total motility, percent progressive motility, percent
non-progressive motility, and percent abnormal spermatozoa.
In order to analyze milt for concentration, 10 µL of the 1:100 diluted milt solution
was placed on a hemocytometer, and spermatozoa within the four 1 mm2 corner squares
of the hemocytometer were counted. In order to obtain the concentration of
spermatozoa/mL, the total count of the spermatozoa in these four squares was divided by
0.4 (to account for volume within the squares), multiplied by 100 (the dilution factor),
and then multiplied by 1,000 (for 1 mL):
𝑠𝑝𝑒𝑟𝑚𝑎𝑡𝑜𝑧𝑜𝑎
𝑚𝐿

=(

𝑠𝑝𝑒𝑟𝑚 𝑐𝑜𝑢𝑛𝑡
0.4

) × 𝑑𝑖𝑙𝑢𝑡𝑖𝑜𝑛 𝑓𝑎𝑐𝑡𝑜𝑟 × 1,000

(2.1)

In order to determine percent motility, 5 µL of the 1:100 diluted milt solution was
placed on a glass slide that had been rinsed with 1% BSA (bovine serum albumin, Sigma
Aldrich, St. Louis MO, USA), without a coverslip. . The number of spermatozoa that
were non-motile (unmoving), progressively motile (moving forward across the slide or
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actively moving in a circle), and non-progressively motile (tail-twitching or immobile
with an active undulating membrane) were counted until a count of 100 cells was reached
The progressive motile cell count and the non-progressive motile cell count were added
together to obtain the percent total motility.
Cells that were normal (normal structure and complete cell with an intact
undulating membrane) and cells that were abnormal (broken or malformed, including
detached undulating membranes) were counted until a count of 100 cells was reached
(See Figure 2.1).
Evaluation and analysis of spermatophores
Any spermatophores observed in the container at a collection time point were
immediately removed and placed on a glass slide without a cover slip. They were
inspected for gel cap completion at 10X magnification. Each spermatophore was then
placed in a microcentrifuge tube in 20 µL of 10% Holtfreter’s solution, and gently
pipetted into a fine paste. A measure of 2µL of the paste was diluted 1:100 in 10%
Holtfreter’s solution, and the sperm within was analyzed for concentration, percent total
motility, progressive motility, non-progressive motility, and abnormal spermatozoa, as
above.
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Examples of normal and some abnormal sperm from the eastern tiger salamander (Ambystoma tigrinum)

Figure 2.1 A-B: Normal spermatozoa, seen on 40 X magnification. Measures approximately 500 microns. Note the undulating
membrane that starts along the tail at the base of the head. Note the large, thin, hook shaped head.
head/tail junction of a normal spermatozoa. Note there is no mitochondrial vesicle.
Figure 2.1 C: Abnormal spermatozoa: “Bent tail.” Note the abnormal angle about 1/3 of the way down the tail, proximate to the
head.
Figure 2.1 D: Abnormal spermatozoa: “Broken head.” Note the abnormal bend at the base of the head and the missing tail.

Figure 2.1
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Based on the formation of the gel cap and the concentration of sperm, the
spermatophores were given a grade on a scale of one (G1) to five (G5) (see Table 2).
Table 2.2

Grading of spermatophore quality

Grade

Sperm Density Description

Gel

Concentration

G1

No sperm present

Gel cap only

0

G2

Sperm present in clumps or spread thin

+/- Gel cap

< 1x105

G3

Sperm present in dense clumps or
patches

+/- Gel cap

G4

Sperm dense throughout

Little to no gel cap

≥1x106

G5

Sperm dense throughout

Complete gel cap

≥1x106

> 1x105
< 1x106

Statistical Methods
Normality and equal variances of the data were assessed using the Shapiro Wilk
test and Bartlett’s test and data was found to be not normal. Data that was not normal was
transformed via logarithmic transformation for non-percentage data and arcsine
transformation for percentage data. For all statistical analysis, significance was
determined by a p-value of < 0.05. A multivariate analysis of variance (MANOVA) was
used in order to assess the differences between treatment groups. Post hoc testing was
done via Tukey HSD and the Least Squares Means analysis. For the binary variable of
response to treatment, a Fisher’s exact test was used to assess the differences between
treatments and the control.
A generalized linear mixed model (GLIMMIX) procedure with a gamma
distribution and a correlated error structure was used to assess the data over time. For the
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binary variable of response to treatment over time, the model was given a logarithmic
link function with a binary distribution.
Results
Control animals received PBS injections and produced no sperm. All other
responding animals were evaluated verses control (see table 2.3). Parameters for milt
were assessed only from animals that produced milt (see table 2.4) and parameters for
spermatophores were assessed only from animals that produced spermatophores (see
table 2.5).
Multivariate Analysis of Variance
Except for treatment H2 (p=0.05; F=4.3), all treatments resulted in animals
responding significantly more frequently than animals treated with the control (see Table
2.3). There was no significant difference in the amount of milt produced (µL), the
concentration of milt produced (spermatozoa/mL), the total motility of milt, the nonprogressive motility of milt, the percent abnormal spermatozoa in milt, the number of
spermatophores produced, the grade of spermatophores produced, or the total motility of
spermatophores (see Table 2.4 for milt and Table 2.5 for spermatophores).
While total motility was not significantly different between treatments, a
significant difference was seen in progressive motility (p=0.007; F=2.5). Animals treated
with H1 or with C1 had significantly higher progressive motilities than animals treated
with three of the other treatments (L2, L5, H3). Animals treated with PL2 had
significantly higher progressive motilities than animals treated with L2 alone (Table 2.4).
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A significant difference was seen between treatments in the time to milt
production (hr) post spermiation dose (p=0.02; F=2.1). Animals treated with PL1 or PL2
produced milt significantly sooner following the spermiation dose than in two of the
other treatments (L2 and L3). Similarly, the time to production (hr) of spermatophores
post spermiation dose was significantly different between treatments (p=0.04; F=1.5).
Animals treated with a PL1 produced spermatophores significantly sooner following the
time of the spermiation dose than in one of the other treatments (L3) (See Table 2.5).
There was a significant difference between treatments in numbers of Grade 4
spermatophores produced (p<0.0001; F=4.04) as well as Grade 5 spermatophores
produced (p=0.001; F=3.2). Animals treated with the combination treatments of C1, C2,
and PC produced significantly more grade 4 spermatophores than four of the other
treatments (H2, L3, L4, PL1). Animals treated with the PC or with H2 produced
significantly more grade 5 spermatophores than any other treatments (Table 2.5). While
all hormone protocols produced more spermatophores overall than the control, only a few
produced significantly more spermatophores of each grade than the control. G1
spermatophores, also called “empty” spermatophores, consist of only the gel component
of the spermatophore (Table 2.1), and it is possible that these “empty” spermatophores
may be produced when an animal is not hormonally stimulated. While none of these G1
spermatophores were seen from control animals, the amount of G1 spermatophores that
was seen from hormone treated animals was insignificant. A number of the hormone
protocols failed to produce a significant amount of G2, G3, G4, or G5 spermatophores,
the grades of spermatophores that contained sperm, when compared to the control. The
inverse relationship that was seen between milt production and spermatophore production
81

likely accounted for the low number of spermatophores in each grade, and because the
numbers of spermatophores were so low they could not be assessed for significance,
given the amount of error.
The concentration of spermatophores was significantly different between
treatments (p<0.0001; F=4.9). The treatment of L1 produced spermatophores with
significantly higher concentrations than all other treatments. Percent abnormal sperm
within spermatophores was also significantly different (p<0.0002; F=3.8). Animals
treated with H2 or H3 had significantly more abnormal spermatozoa in their
spermatophores than animals treated with nine of the other treatments (H1, L1, L2, L5,
C1, C2 PL1, PL2, and PC). Animals treated with L3 or with L4 had significantly more
abnormal spermatozoa in their spermatophores than animals treated with two of the other
treatments (L1 and PL1) (Table 2.5).
All of the thirteen treatments were effective in eliciting a sperm response from the
male salamanders. Two of the treatments, the L5 treatment and the PL1 treatment, were
more likely to induce spermiation. The ability to induce spermiation is a key factor in
determining which treatment is the most successful when there is not a significant
difference in concentration or total motility across treatments. There was significant
difference in progressive motility across treatments, but only one treatment (L2) had
exceptionally low progressive motility. There is also evidence that in the natural state,
caudate sperm must be activated prior to becoming functional [Onitake, Wantanabe1-2],
and thus motility may not be an ideal basis for judging quality of caudate sperm.
Although the L5 and PL1 treatment were effective at inducing spermiation in eastern
tiger salamanders, they may not be ideal protocols for inducing spermiation in other
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caudate species. Eleven of the thirteen treatment protocols (excluding H2 and L2, which
were not significantly different at inducing sperm production from the control) were at
effective at inducing spermiation. Having a list of multiple working protocols may be of
benefit when approaching application of hormone protocols in new species, as protocols
may need to be adapted to individual species’ needs. Hormone protocols for use in
amphibians have frequently needed species specific modification [Kouba1-2, Stoops]. If
the protocol that is most effective in one species fails when applied to a new species, it
may be advantageous to have a list of effective protocols to draw from rather than
needing to improvise protocol adaptations. Because the other eleven protocols are
functional, they may be used or integrated as adaptations to spermiation protocols when
approaching assisted reproductive technologies in new species.
Analysis was also performed looking at differences in the dependent variables
across the different months individuals were treated in order to account for seasonal
variation. No significant difference was noted in any of the dependent variables when
compared across the months in which treatments were administered.
Additionally, analysis was performed in order to determine differences in
individual variation. There were significant differences in individual responses to
treatment (p=0.0013; F=2.5), in individual responses by production of milt (p=0.0001;
F=3.0), and in percent of abnormal sperm produced by each individual (p=0.0003,;
F=3.4). There were no significant differences between individuals in any of the other
dependent variables. More animals responded to LHRH treatments than hCG treatments
(p=0001). Animals that did not have as frequent responses overall were also more likely
to respond to an LHRH treatment than an hCG treatment (p=0.001). There was no
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difference in the likelihood of animals responding to Combination treatments and LHRH
treatments, but animals responded to Combination treatments significantly more often
than hCG treatments (p=0.04).
Generalized Linear Mixed Model Analysis
Models were assessed via residual plots, with good scatter determining a good
model fit. Milt quality and response varied considerably over the 72 hour observation
period for each treatment.
For amount of milt, a main effect of both the fixed effects treatment (p=0.008;
F=2.59) and time (p<0.0001; F=8.35) was seen, as well as an interaction effect of
treatment and time (p=0.0006; F=2.24). For concentration of milt, only the fixed effect of
time had a main effect (p=0.005; F=1.42), although an interaction between treatment and
time was noted (p<0.0001; F=3.21). In assessing total motility of milt, both fixed effects
of treatment (p=0.005; F=2.8) and time (p=0.04; F=2.0) were seen to have main effects.
Additionally, an interaction effect was seen between the two fixed effects (p=0.007;
F=2.0). The assessment of the number of animals responding to milt showed that there
was a main effect of both treatment (p<0.0001; F=18.2) and time (p<0.0001; F=40.3).
For number of animals responding to treatment, there was also an interaction effect
between the fixed effects of treatment and time.
Discussion
While all treatments were effective in producing milt and spermatophores, the
PL1 treatment (a priming dose of 0.025 µg/g of LHRH followed by a spermiation dose of
0.1 µg/g of LHRH 24 hours later) proved to have the most satisfactory and consistent
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results. It had the highest total sperm, the fastest time to first milt, and was one of the two
treatments with the highest number of animals responding to treatment. Over the 72 hour
observation period, the PL1 treatment was fairly consistent, compared to other
treatments, in maintaining sperm production and continual response to treatment.
Because of these qualities, the PL1 treatment would be recommended in zoological and
conservation institution for use in hormonally induced breeding attempts or in in vitro
fertilization attempts.
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Table 2.3

50.0
80.0
62.5

90.0
60.0
62.5

66.7 +
+

66.7
53.3 +
53.3 +

C1
C2

PC

0

37.5

0

25.0

40.0
25.0

40.0

14.3
20.0
40.0
12.5
0.0
11.1
22.2
72.7
9.1

% Animals producing
milt and spermatophores

Results from analysis of milt parameters (shown only from animals that produced milt)

both
** Percent of animals producing spermatophores is taken from the number of animals that responded to treatment by producing milt,
spermatophores or both

+: Indicates a significant difference from the control (within the first column)
*Percent of animals producing milt is taken from the number of animals that responded to treatment by producing milt, spermatophores or

0

87.5

42.8
20.0
60.0
50.0
50.0
44.4
44.4
81.8
26.4

% Animals producing
spermatophores**

PL2

71.4
100.0
60.0
62.5
50.0
66.7
77.8
90.9
90.9

% Animals
producing milt*

H1
H2
H3
L1
L2
L3
L4
L5
PL1

Treatment

% Animals
responding to
treatment
(n=15)
46.7 +
33.3
53.3 +
53.3 +
40.0
60.0 +
60.0 +
73.3 +
73.3 +

Percent animals responding to respective hormone treatments via milt, spermatophores, or both

PBS
0
For treatment code identification, see Table 2.1
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188.9 ± 105.4 ab
143.9 ± 50.1 ab
50.2 ± 13.7 b
137.5 ± 58.9 ab
199.7 ± 69.6 ab
194.4 ± 49.6 ab
58.0 ± 18.3 b
138.8 ± 40.6 ab
307.4 ± 57.4 a
73.2 ± 43.1 ab
111.0 ± 43.2 ab
182.1 ± 90.7 ab
-

H2
H3

L1
L2
L3

L4
L5

PL1

PL2

C1

C2

PC

PBS

-

8.4x106 ± 3.1x106

1.8x107 ± 6.6x106

6.9x106 ± 5.5x106

3.4x107 ± 1.2x107

5.8x107 ± 1.5x107

1.4x107 ± 5.6x106
9.5x106 ± 8.6x105

1.3x107 ± 5.4x106
1.2x107 ± 9.1x106
1.2x107 ± 3.9x105

4.3x107 ± 2.3x107
2.7x107 ± 2.0x107

8.0x107 ± 7.5x107

Conc.
(sperm/mL)

-

442.7 ± 269.7

304.0 ± 263.6

545.1 ± 241.9

745.8 ± 837.6

4438.3 ± 2110.6

350.1 ± 257.7
471.8 ± 42.9

712.2 ± 361.2
387.3 ± 428.3
349.9 ± 254.4

322.0 ± 226.8
2871.5 ± 3248.7

197.7 ± 147.8

Total Sperm

-

2.6 ± 1.0 b

1.8 ± 0.6 b

4.5 ± 2.0 b

2.8 ± 0.7 b

1.5 ± 0.4 b

1.2 ± 0.5 b
3.9 ± 3.0 b

0.7 ± 0.3 b
6.0 ± 5.0 b
20.2 ± 3.2 a

4.9 ± 3.9 b
4.5 ± 2.0 b

1.5 ± 0.6 b

% Abnormal sperm

-

41.7 ± 5.0

47.3 ± 5.9

38.1 ± 9.0

48.7 ± 3.3

43.1 ± 4.1

43.8 ± 5.1
32.3 ± 5.7

41.7 ± 3.4
19.0 ± 10.0
43.9 ± 5.6

46.4 ± 6.6
33.1 ± 9.2

46.8 ± 7.0

Total

-

19.1 ± 4.6 ab

19.4 ± 3.9 ab

23.3 ± 8.6 ab

23.9 ± 3.3 ab

20.1 ± 2.1 ab

27.6 ± 4.8 ab
12.3 ± 2.9 b

17.7 ± 2.1 ab
5.7 ± 3.5 b
20.2 ± 3.2 ab

21.6 ± 3.9 ab
12.0 ± 5.2 b

30.0 ± 7.0 a

Progressive

% Motility

For treatment code identification, see Table 2.1
abc
: Values with different superscripts within the same column are significantly different from one another (p < 0.05)

290.4 ± 113.5 a

H1

Volume (µL)

Mean sperm parameters from analysis of milt

Treatment

Table 2.4
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Figure 2.2
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Time (hr) post injection of hormone to the first production of milt

8.9x105 ± 3.1x105 b
1.2x106 ab
1.5x106 ± 6.1x105 ab
9.7x106 ± 8.8x106 a
5.6x105 ± 1.8x105 b
1.2x105 ± 8.1x104 b
1.3x104 ± 3x103 b
8.6x105 ± 2.6x105 b
5.2x105 ± 3.3x105 b
1.4x106 ± 4.3x105 ab
9.9x105 ± 3.4x105 b
9.6x105 ± 2.1x105 b
1.6x106 ± 5.0x106 b
-

Concentration
(sperm/mL)
48.3 ± 9.2
60.0
145.8 ± 61.5
966.0 ± 885.5
48.9 ± 20.2
7.7 ± 6.9
0.4 ± 0.2
65.4 ± 26.0
46.7 ± 33.9
52.5 ± 12.2
76.6 ± 18.1
88.9 ± 30.4
120.0 ± 36.6
-

Total Sperm

9.2 ± 1.5 ab
16.0 a
7.5 ± 2.4 ab
8.0 ± 1.9 ab
3.2 ± 1.0 b
9.5 ± 3.2 ab
15.3 ± 5.0 ab
7.1 ± 1.8 ab
3.8 ± 1.2 b
6.3 ± 0.5 ab
7.3 ± 1.3 ab
5.1 ± 0.6 b
5.0 ± 1.9 ab
-

% Abnormal
sperm

-

1.6 ± 1.0 bc
0.0 c
4.7 ± 3.1 bc
2.0 ± 2.0 bc
1.7 ± 1.5 bc
3.8 ± 3.1 bc
3.3 ± 2.6 bc
3.4 ± 1.4 bc
1.3 ± 1.0 bc
2.0 ± 0.7 b
6.5 ± 1.8 b
5.5 ± 1.1 b
15.2 ± 4.9 a

% Total motility+

For treatment code identification, see Table 2.1
abc
: Values with different superscripts within the same column are significantly different from one another (p < 0.05)
*Values shown for treatment H2 represent only one animal
+ Only total motility is shown as no spermatophores were observed to have sperm with progressive motility

1.9 ± 0.3
2.0
1.3 ± 0.2
2.0 ± 0.4
2.6 ± 0.9
1.3 ± 0.2
1.6 ± 0.2
1.6 ± 0.2
1.6 ± 0.4
1.7 ± 0.4
2.1 ± 0.4
3.2 ± 0.7
1.5 ± 0.3
-

Number of
spermatophores

Mean sperm parameters from analysis of spermatophores

Treatment
H1
H2*
H3
L1
L2
L3
L4
L5
PL1
PL2
C1
C2
PC
PBS

Table 2.5
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Figure 2.3

90

Time (hr) post injection of hormone to the first production of spermatophores

A

B

Figure 2.4

Observation at collection time points (time in hours post hormone
injection) of number of animals responding to the PL2 treatment and
amount of milt produced (µL) by animals treated with the PL2 treatment

Figure 2.4 A: The number of animals responding at each collection point is designated as
animals that responded by production of either milt or spermatophores, with a
total of n=15 animals treated.
Figure 2.4 B: The amount of milt only (no spermatophores) produced at each collection
time point for the PL2 treatment is shown.
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A

B

Figure 2.5

Observation at collection time points (time in hours post hormone
injection) of sperm concentration (sperm/mL) and percent total motility for
animals treated with the PL2 treatment

Figure 2.5 A: Observation of concentration (sperm/mL) from animals treated with PL2
Figure 2.5 B: Observation of percent total motility from animals treated with PL2
Hormone doses for hCG were not adjusted to the weight of the animals, based off
findings in previous studies [Browne et al, 2006; Kouba et al, 2012; Kouba & Vance,
2009; Mansour et al, 2011; Trottier & Armstrong, 1975]. These findings suggested that
adjustment to weight may result in inappropriate, and potentially refractory, doses.
Consideration was taken that weight might be an indication of overall fitness of the
animals, thus causing a discrepancy in ability of individuals to produce sperm. There was
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no significant difference between individuals’ production or quality of sperm based on
weight, neither was weight a predicting variable in the production of quality of sperm.
Each individual animal, when assessed by his or her identity and not by weight, showed
both a significant difference in response and in quality, in regards to the percent of
abnormal sperm produced. The variation among individuals can be attributed to many
factors, involving overall fitness of the animals, individual animal body chemistry, or
difference in age of animals. As these animals had not been raised in captivity, there was
no indication as to their age. They were known to be sexually mature, but they may have
been many years beyond sexual maturity. Seasonality was not a factor as variation in
response and sperm quality was assessed for each month in which animals were treated,
and no significant differences were noted. While Ambystoma tigrinum breed once in the
year and have a seasonal sexual hormone change [Norris et al, 1985], their sex hormones
may be altered by environmental factors, including stress [Norris & Jones, 1987;
Ogielska & Lopez, 2011; Rose et al, 1995]. While each animal was handled in an
identical manner which was designed to minimize stress, individuals perceive stress
differently [Koolhaas et al, 2010]. This, and natural individual variation in circulating
testosterone and estrogens, may have accounted for the significant variation in individual
response. In the future, utilizing assays to determine the endogenous hormone levels of
an animal may help to idealize both which animals are likely to respond best to
treatments and which treatments will be best to for a given animal. This variation in
individuals re-emphasizes the benefit of having multiple protocols which are effective to
fall back upon when attempting application of hormones in a new group of animals.
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In looking at which animals responded to what treatments, overall any treatment
containing LHRH, including combination treatments, resulted in significantly more
responses than hCG alone. This suggests that Ambystoma tigrinum are more sensitive to
LHRH than hCG, or that LHRH acts faster in LHRH that hCG. The latter hypothesis may
be more likely, as one animal that was injected with a preliminary primed dose of hCG
did not produce milt within 72 hours but did produce milt one week later. Looking at the
response time and the length of response of both LHRH and hCG in salamanders is a
critical component of future study. Additionally, studying the long term effects of these
hormones on the salamander physiology is crucial to understanding the safety and worth
of their use in conservation. In comparison to what was seen in this study, in previous
studies with anurans, animals were more likely to respond to hCG than to LHRH [Koub
& Vance, 2009; Kouba et al, 2012], although little to no effect was seen by hCG in some
species [Mann et al, 2009].
Although the PL1 treatment was effective at inducing spermiation inAmbystoma
tigrinum, it may not be an ideal protocol for inducing spermiation in other caudate
species. Twelve of the thirteen treatment protocols (excluding H2, which was not
significantly different at inducing sperm production from the control) were at effective at
inducing spermiation. Having a list of multiple working protocols may be of benefit when
approaching application of hormone protocols in new species, as protocols may need to
be adapted to individual species’ needs. Hormone protocols for use in amphibians have
frequently needed species specific modification [Kouba & Vance, 2009; Stoops et al,
2014]. If the protocol that is most effective in one species fails when applied to a new
species, it may be advantageous to have a list of effective protocols to draw from rather
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than needing to improvise protocol adaptations. Because the other twelve protocols are
functional, they may be used or integrated as adaptations to spermiation protocols when
approaching assisted reproductive technologies in new species. Some of these protocols
were attempted in the regionally endangered blue spotted salamander (Ambystoma
laterale) and successful spermiation was induced in 100% of males treated. Results of
these trials can be found in Appendix F. While the sperm quality from A. laterale was not
ideal, each animal produced sperm. This may suggest that, with some adjustment,
protocols developed in Ambystoma tigrinum may be successfully transferred to
endangered target species.
Ambystoma tigrinum naturally produce spermatophores [Duellman & Trueb,
1994; Ogielska, 2009; Siegel et al, 2014; Vitt & Caldwell, 2009], unlike the few
salamanders that naturally produce milt, like those in the family Cryptobranchidae
[Duellman & Trueb, 1994; Sever, 1991; Vitt & Caldwell, 2009]. In general,
spermatophore production was fairly low in this study (1.8 ± 0.1; see Table 2.5 for
individual treatments). In previous studies where hormones were used to induce
spermatophore production in salamanders, spermatophore production was fairly high
[Toyoda et al, 1996; Toyoda et al, 2005; Trottier & Armstrong, 1975], as was the case in
studies where spermatophore production was allowed to occur naturally [Doyle et al,
2011; Figel, 2013]. The unnatural process of obtaining milt from Ambystoma tigrinum
likely lead to a decrease in production of spermatophores, because milt was obtained by
massaging the animals’ internal testicles. Spermatophores are produced as they exit the
collecting ducts and the cloaca [Sever, 1991]. By massaging the testicles, sperm was
mobilized prematurely and the biological process of spermatophore production was likely
95

disrupted. The sperm that would have later moved to the collecting ducts and been
packaged into spermatophores was expressed as milt instead.
Unlike Ambystoma tigrinum, salamanders in the families Cryptobranchidae,
Sirenidae, and Hynobiidae undergo external fertilization, much like anurans. The
Ambystomid family, along with other salamander families excluding the aforementioned
three, undergo internal fertilization. Internal fertilization in salamanders occurs through
use of the spermatophore. The female salamander picks up the condensed packet of
sperm into her cloaca and stores it in a specialized compartment called a spermatheca
until time of fertilization. As the eggs pass by the spermatheca, sperm is released and
fertilization occurs. In animals that produce spermatophores, it is not natural to produce
milt. The milt obtained in this study had concentrations similar to those reported in the
natural milt of eastern hellbenders (Cryptobranchus allegiansis allegiansis). Average
sperm concentration collected from milt in wild eastern hellbenders has been reported as
having average concentrations of 3.1x107± 7.6x105 [Unger et al, 2013]. Average
concentration found in the eastern tiger salamander milt milked from the internal testicles
in this study was 2.4x107 ± 6.4x106. This concentration is similar to findings in a study
where milt was artificially milked from the internal testicles of the Mexican axolotl
(Ambystoma tigrinum), in which concentrations ranged from 1.4 x 107 ± 5.1x106 to 1.6 x
107 ± 3.9x106 [Mansour et al, 2011]. Total motility, however, was found to be lower in
the milt of obtained in this study compared to that reported in hellbenders. Average total
motility reported in eastern hellbenders from the same study mentioned previously was
85.3± 21.3%, while average total motility of the tiger salamanders in this study was 40.4
± 2.2%. In some species, spermatophores have been noted to have 0% motility
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[Watanabe et al, 2003; Watanabe et al, 2010], and in this study it was noted that
spermatophores had very low motility and had no progressive motility, only nonprogressive motility. The motility of sperm in Ambystoma tigrinum is unusual in itself.
The progressive movement is a circular motion and appears to be propelled mostly by the
undulation of the tail membrane, not by the motion of the tail. Once the sperm contacts
the egg or egg jelly, the tail may begin to beat rapidly; however, before that time, it
appears either immobile, vibrating in place, or spinning based on the movement of the
undulating membrane. In theory, the sperm of internally fertilizing salamanders does not
need to have much forward propulsion. Within the body of the female, a spermatophore
is deposited almost directly onto the eggs as they pass out of the cloaca [Norris & Jones,
1987; Norris & Lopez, 2011; Norris et al, 1985; Ogielska, 2009; Sever, 1991]. Therefore,
energy of the sperm is likely conserved for penetration rather than swimming. Indeed,
experiments have shown that when salamander sperm is exposed to salamander egg jelly,
there is a component of the egg jelly which activates the sperm and up to 100% of the
sperm becomes motile [Marcec, Unpublished data; Watanabe et al, 2003; Watanabe et al,
2010]. The motility of this egg jelly-activated sperm is rapid, although in Ambystoma
tigrinum, much of the sperm still moves in a circular pattern [Mansour et al, 2009;
Marcec, Unpublished data]. In addition to activation by egg jelly, the anatomy of the
sperm supports the supposition that salamander sperm is idealized for penetration, having
long (approximately 200 µm), hook-shaped heads containing small barbs on the tips
[Ogielska, 2009; Selmi et al, 1997]. It is supposed that these barbs are used for hooking
on to the egg in a harpoon-like manner so that the sperm may penetrate easily through the
thick membrane [Selmi et al, 1997]. While the basic structure of most salamander sperm
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is the same, the lack of necessity for sperm movement in spermatophore producing
salamanders is contrary to motion in externally fertilizing salamanders. In externally
fertilizing salamanders, the sperm is required to swim a distance outside the body to
reach the eggs [Babcock et al, 1994; Dzminski et al, 2009; Stoltz & Neff, 2006]. These
differences in physiology of fertilization may explain the differences in the motility of the
hellbender milt compared to the tiger salamander milt.
The curve of sperm concentration and amount over time in anurans is typically a
smooth bell curve [Kouba et al, 2012; Langhorne, 2015]. In Ambystoma tigrinum, the
time curves for amount, concentration, and motility were seen to make many rises and
falls. It is possible that because these animals normally package their sperm into
spermatophores, these peaks are artifacts of the packing process. The sperm of the
salamanders may be in the process of packaging while it is being collected as milt, and
what is seen in the curves is the high density of the spermatophores and the low density
between packaging.
Overall, the treatment found to be the most efficient in Ambystoma tigrinum for
production of good quality sperm was a prime of 0.025 µg/g of LHRH followed 24 hours
later by a spermiation dose of 0.1 µg/g of LHRH. While this performed greater than 12
other treatments and a PBS control, 11 of the hormone treatments tested were successful
at producing sperm in Ambystoma tigrinum. Two of the 13 hormone treatments were
chosen and utilized in Ambystoma laterale in order to attempt spermiation in this
regionally endangered species, and 100% of these males produced sperm (see Appendix E
for Ambystoma laterale data). This suggests that these protocols may be successfully
transferred to endangered species related to Ambystoma tigrinum.
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CHAPTER III
DEVELOPMENT OF PROTOCOLS FOR CRYOPRESERVATION OF SPERM IN
THE TIGER SALAMANDER (AMBYSTOMA TIGRINUM)
Introduction
As amphibian populations dwindle, this last decade has seen an increased focus
on protocol development to cryopreserve anuran (frog/toad) of sperm [Clulow et al.,
2014; Kouba et al., 2009]. Cryopreserved sperm is maintained in genetic resource banks
to manage genetic diversity such that gametes may be maintained long after valuable
animals have become senescent or have died. Additionally, genetic resource banks
maintain readily available sperm for artificial insemination or in vitro fertilization when
natural mating fails or when an animal is out of season. A reduction of animals housed at
a breeding facility can also be beneficial if the genetic diversity and genetic pairings can
be maintained through gamete cryostorage. Thus, genetic resource banks decrease the
cost and space required for housing animals yet help maintain genetic diversity within a
species. Using cryopreserved sperm and IVF in breeding events also allows animal
pairings to occur over long distances without the risks associated with shipping animals
[Clulow et al., 2014; Kouba et al., 2009; Watson & Holt, 2001; Wildt, 2000].
Most cryopreservation practices for anurans are based on protocols for freshwater
fish, as fish sperm and anuran have similar osmolality-related properties. Effectively fish
and anuran spermatozoa are activated and motile in a low osmotic environment [Browne
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et al, 2015; Byrne et al, 2015]. Yet the knowledge base for anuran sperm
cryopreservation is more advanced than that of caudates, for which nearly nothing is
known. In fact, only four reports are available on cryopreservation of salamander sperm:
hellbenders [Unger et al., 2013], Chinese giant salamanders [Peng et al., 2013], axolotls
[Figel, 2013], and tiger salamanders [Marcec et al., 2014].
The cryoprotectant is critical in the success of a protocol; however, the needs of
sperm are species specific [Holt, 2000; Holt2, 2000; Kouba et al., 2009; Wildt, 2000].
During cooling and thawing, cryoprotectants interact with the phospholipid membrane of
the sperm in order to prevent damage from water crystals and from dehydration. During
cooling, ice crystals can form both inside and outside the cell and the membrane hardens
making it more likely to shatter. Additionally, ice crystals form outside of the cells and
into hyperosmolar “pockets” and any cells trapped in these “pockets” may undergo
severe dehydration. During thawing, the ice crystals melt and the membrane becomes
fluid again, a process in which additional structural damage is likely to occur [Holt, 2000;
Holt2, 2000; Parks & Graham, 1992; Sztein et al. 2001] .
The goal of the addition of cryoprotectants is to protect cells from the stress on
the cell caused by freezing and thawing. Cryoprotectants can be classified a number of
ways, but for the purposes of this study there are two major classes of cryoprotectants:
permeating and non-permeating. Permeating cryoprotectants (i.e. dimethyl sulfoxide)
cross the cell membrane easily, while non-permeating cryoprotectants (i.e. sucrose,
trehalose or bovine serum albumin) do not cross the cell membrane [Holt, 2000; Holt2,
2000; Sztein et al., 2001]. There are a number of ways in which cryoprotectants assist in
decreasing osmotic stress and damage during cooling and thawing. The first goal of
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cryoprotectants is to prevent dramatic changes in osmolality during freezing and thawing.
While the addition of cryoprotectants should help to reduce osmotic stress on a cell, if an
inappropriate amount or type of cryoprotectant is used, the cryoprotectants themselves
can cause severe cell stress or lysis [Gurtovenko & Anwar, 2007; Holt, 2000; Holt2,
2000; Parks & Graham, 1992; Sztein, 2001]. The second goal is the prevention or
protection from ice crystal formation. The third major goal of cryoprotectants is to
increase fluidity of the phospholipid membrane so that it becomes less fragile and less
susceptible to rupture during cryopreservation [Holt, 2000; Holt2, 2000; Parks &
Graham, 1992]. Finally, many cryoprotectants act as antioxidants, reducing the number
of reactive oxygen species which are produced during the freezing and thawing process
and protecting the cell membrane from lipid peroxidation [Bansal & Bilaspuri, 2010;
Uysal & Bucak, 2007].
Four cryoprotectants were selected for use in this study: dimethyl sulfoxide
(DMSO), sucrose, trehalose, and bovine serum albumin (BSA). DMSO is a low
molecular weight permeating cryoprotectant, and while not all of its mechanisms of
action are entirely understood, it is well known that DMSO increases cell permeability,
especially for hydrophobic particulates. DMSO causes this increase in permeability by
producing holes in the phospholipid membrane which allow small molecules to pass
through the membrane freely. Another known cryoprotective function of DMSO is that it
disrupts the formation of ice crystals, which form jagged edges that rupture the cell
membrane [Anchordoguy et al., 1987; Gurtovenko & Anwar, 2007; Holt, 2000; Holt2,
2000].
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Sucrose and trehalose are sugars that have been recognized as natural
cryoprotectants in some species of animals, including arthropods, many reptiles and
amphibians, and polar fish, where they help prevent freezing in the blood and cell
damage during the winter months [Fuller, 2004; Storey, 1990]. Both of these sugars are
glucose disaccharides and non-permeating cryoprotectants which maintain cell membrane
integrity and protein structures [Anchordoguy et al., 1987; Fuller, 2004; Storey, 1990].
Bovine serum albumin (BSA) functions as an antioxidant, and this is its main role as a
cryoprotectant. The powerful blocking of the formation of reactive oxygen species and
protection of the lipid membrane from lipid peroxidation is what makes BSA a useful
additive in cryopreservation [Bansal & Bilasupuri, 2010; Uysal & Bucak, 2007].
While cryoprotectants are crucial to successful cryopreservation, appropriate
freezing and thawing rates are what are also key to success. A freezing rate must be
finely balanced so that localized variations in osmolality do not arise causing the cells to
dehydrate. Likewise, thawing must be regulated so that cells do not lyse [Holt, 2000;
Holt2, 2000; Watson & Holt, 2001]. In this study, frozen salamander sperm was thawed
at 40ºC and at 20ºC to test rapid and slow thawing rates, respectively. These
temperatures were selected from highly successful thawing temperatures utilized in
anuran sperm studies [Langhorne, 2015].
In this study, the recovered motility and percent abnormal sperm of Ambystoma
tigrinum sperm is assessed upon thawing from cryopreservation. Sperm is collected in
the form of milt and assessed when sperm is treated with one of five different
cryoprotective solutions and thawed at one of two thawing temperatures.
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Materials and Methods
Experimental animals
All protocols for animal care and use were reviewed and approved by the IACUC
at Mississippi State University.
Ten male eastern tiger salamanders (Ambystoma tigrinum) were used in these
experiments and were maintained in conditions identical to section 2.2.1. A total of five
straws of frozen sperm were collected and tested for each treatment per 10 males (50
straws total).
Collection and Evaluation of Fresh Sperm
Hormone induced spermiation consisted of a priming dose of 0.025 µg/g LHRH
and a spermiation dose of 0.1 µg/g LHRH for all animals. Administrations and methods
for use of this hormone treatment are described in Chapter II, Section 2.2.2.
Sperm was collected as described in Chapter II, Section 2.2.3.
Only spermic milt was used for cryopreservation studies, and fresh spermic milt
was evaluated as described in Chapter II, Section 2.2.4.
See Appendix B for additional methods on hormone administration and sperm
collection.
Cryopreservation of Milt
Milt was diluted in 10% Holtfreter’s solution (see Chapter II for solution
components) to a concentration of 2x106 spermatozoa/mL. The diluted sperm was cooled
at 4ºC for 30 minutes, after which, the sperm was diluted 1:1 with one of seven stock
cryoprotectant solutions, listed in Table 3.1.
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Table 3.1

Cryoprotective Treatments

Cryoprotectant Stock Solution Final Cryoprotectant Concentration
1% BSA
0.5% BSA
10% Trehalose
5% Trehalose
10% Sucrose
5% Sucrose
10% DMSO
5% DMSO
10% DMSO + 1% BSA
5% DMSO + 0.5% BSA
10% DMSO + 10% Trehalose 5% DMSO + 5% Trehalose
10% DMSO + 10% Sucrose
5% DMSO + 5% Sucrose
Sperm was diluted 1:1 in the initial cryoprotectant
After dilution of the sperm in the cryoprotectant, the solution was drawn up into a
0.25cc cryo-straw and allowed to sit at 4ºC for an additional five minutes. The straws
were then moved to liquid nitrogen vapor, 20cm above the liquid. The straws were
allowed to sit in the vapor for 15 minutes to ensure they reached a temperature of -80ºC
(Figure 3.1). After 15 minutes, the straws were plunged into the liquid nitrogen to reach a
temperature of -180ºC (Figure 3.1) and were then stored in liquid nitrogen dewars for at
least 12 hours prior to thawing and analysis.
Thawing of cryopreserved milt
Two thawing methods were tested for efficacy in recovery of motility in
salamander milt. The first method was thawing at 40ºC in a warm water bath. For this
procedure, straws were removed from storage in liquid nitrogen with tongs and
immediately plunged into the warm water bath. Straws were held in the bath for a total of
five seconds. Upon thawing, straws were emptied into a microcentrifuge tube for analysis
of sperm.
The second method of thawing was “bench top thawing.” In this method, straws
were removed from storage in liquid nitrogen with tongs and placed at 20ºC (room
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temperature) on the lab bench to thaw for five minutes (see hobo logger data in figure
6.3). After five minutes, straws were emptied into microcentrifuge tubes for further
analysis.
Analysis of thawed sperm
Sperm was assessed for percent motility and abnormalities upon thawing. In order
to determine percent motility, 5 µL of the thawed milt solution was placed on a glass
slide that had been rinsed with 1% BSA (bovine serum albumin, Sigma Aldrich, St. Louis
MO, USA). As in Section 2.2.4, motility was assessed without a coverslip and cell counts
for motility were performed at a 20 X magnification. The number of spermatozoa that
were non-motile (unmoving), progressively motile (moving forward across the slide or
actively moving in a circle), and non-progressively motile (tail-twitching or immobile
with an active undulating membrane) were counted until a count of 100 cells was
reached. The progressive motile cell count and the non-progressive motile cell count
were added together to obtain the percent total motility. Once these counts were obtained,
relative motility was calculated for each total motility, progressive motility, and nonprogressive motility by taking the motility count upon thawing and dividing it by the
initial motility count:
𝑅𝑒𝑙𝑎𝑡𝑖𝑣𝑒 % 𝑀𝑜𝑡𝑖𝑙𝑖𝑡𝑦 =

𝑇ℎ𝑎𝑤𝑒𝑑 𝑀𝑜𝑡𝑖𝑙𝑖𝑡𝑦
𝐼𝑛𝑖𝑡𝑖𝑎𝑙 𝑀𝑜𝑡𝑖𝑙𝑖𝑡𝑦

(3.1)

The same slide used to obtain percent motility was used to obtain percent
abnormal spermatozoa. The cell count for abnormality was also performed at 20 X
magnification. Cells that were normal (normal structure and complete cell with an intact
undulating membrane) and cells that were abnormal (broken or malformed, including
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detached undulating membranes; see Figure 2.1) were counted until a count of 100 cells
was reached.
Statistical Analysis
Data was assessed for normality using histogram plots and the Shapiro-Wilk test.
An arcsine transformation was performed on non-normal data.
Randomization was achieved using a random number generator applied to the
cryoprotective treatment. Each of the five straws collected for cryoprotective treatment
were collected at the 24 hour collection time point.
A multivariate analysis of variance (MANOVA) was used to assess the effects of
the cryoprotective treatments on the sperm quality. Variables found significant were
assessed post hoc by the Least Square Means procedure.
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HOBO logger temperature data for freezing process

Figure 3.1 shows the temperature change (ºC) over time (in minutes) starting at room temperature to placement in a refrigerator at
4ºC. The straw is kept at 4ºC prior to movement to the liquid nitrogen vapor, where it is kept for 15 minutes. After 15 minutes, the
straw is plunged into the liquid nitrogen A “dummy straw” was used to log this data and was only kept at 4ºC for 5 minutes prior to
moving to the liquid nitrogen vapors.

Figure 3.1
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HOBO logger temperature data for “bench top” thawing process at room temperature

Figure 3.2 shows the temperature change (ºC) over time (in minutes) starting at -80ºC with a frozen straw brought out of liquid
nitrogen and thawed to room temperature. The straw is removed from liquid nitrogen using tongs and placed directly on the bench
top, where it is allowed to cool for 3 minutes until it has reached room temperature (20ºC)

Figure 3.2
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Results
The overall model of both cryoprotectant and thawing temperature affecting
motility parameters showed significant differences between treatments (total motility:
p<0.001; F=17.4). The overall model of cryopreservation and thawing temperature
affecting percent abnormal sperm was also showed significant differences between
treatments (total motility: p<0.0001; F=33.02).
The overall effect of differing thawing rates on recovered motility and
abnormalities was significant with a Wilk’s Λ significance of < 0.0001, F = 34.9. There
was no effect of thawing temperature on motility parameters, however there was an effect
of thawing temperature on the percent of abnormal sperm generated through the thawing
process (p < 0.0001; F = 136.3). Least square means also showed significantly more
abnormal sperm were formed by rapidly thawing at 40ºC compared to slow thawing at
20ºC.
Treatment with different cryoprotectants had an effect on percent motility (p <
0.0001; F = 16.7) and on percent abnormal sperm (p < 0.0001; F = 46.1). Main effects of
the cryoprotectant were significant overall with a Wilk’s Λ of p < 0.0001, F=21.3. Least
square means analysis showed recovered motility was highest in the 5% DMSO with 5%
Trehalose and lowest in the 0.5% BSA or the 5% Trehalose. While significant differences
showed across the treatments in motility, these were due to the main effect of the
cryoprotectant and were not resultant of an interaction effect. The most abnormal sperm
(p < 0.05) were found in the 0.5% BSA treatment, while the 5% DMSO and 0.5% BSA,
the 5% DMSO and 0.5% Sucrose, the 5% Trehalose, and the 5% Sucrose treatments.
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There was a significant interaction of cryoprotectant and thawing temperature on
the percent of abnormal sperm (p = 0.03; F = 2.4). The interaction of the cryoprotectant
and thawing temperature were significantly different across treatments (p < 0.0001, F =
21.28). The only variable affected by the interaction of cryoprotectant and thawing rate
was the percent of abnormal sperm (p = 0.03; F = 2.4), with the greatest amount of
abnormal sperm formed when frozen with 0.5% BSA and thawed rapidly at 40ºC,see
table 3.3. Otherwise, the cryoprotective treatments were similar (p > 0.05) in preserving
sperm morphology. however, these treatments had significantly fewer abnormalities
when thawed at 20ºC than when thawed at 40ºC. The 5% sucrose treatment, when thawed
at 20ºC, had the fewest percentage of broken heads while the 0.5% BSA and the 5%
DMSO thawed at 40ºC had the most (see table 3.3). The 5% sucrose and the 5% DMSO
with 0.5% BSA treatments had the fewest bent tails of all cryoprotective treatments when
thawed at 20ºC (see table 3.3).
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40ºC

51.9 ± 7.3
56.9 ± 6.4
55.4 ± 7.2
45.9 ± 5.1
54.9 ± 6.0
59.0 ± 6.8
51.2 ± 7.8
50.3 ± 4.4
55.7 ± 4.6
53.8 ± 6.9
45.9 ± 5.1

5% DMSO

5% DMSO + 0.5% BSA

5% DMSO + 5% Trehalose
5% DMSO + 5% Sucrose

0.5% BSA
5% Trehalose

5% Sucrose

5% DMSO
5% DMSO + 0.5% BSA

5% DMSO + 5% Trehalose

5% DMSO + 5% Sucrose

0.5% BSA
5% Trehalose
5% Sucrose

Total
59.9 ± 6.1
59.0 ± 6.8
49.2 ± 8.3

Cryoprotectants

26.0 ± 5.0

35.1 ± 8.1

30.4 ± 3.4
30.0 ± 2.7

30.0 ± 7.9

32.7 ± 6.2
38.8 ± 9.1

36.5 ± 8.6
19.7 ± 3.0

37.7 ± 7.1

28.2 ± 6.5

Progressive
34.8 ± 8.0
38.8 ± 9.1
28.4 ± 8.1

% Initial Motility

6.2 ± 1.5 bc

13.8 ± 5.1 a

5.6 ± 1.1 c
10.4 ± 2.1 ab

7.2 ± 3.3 bc

0.0 d
0.0 d

13.1 ± 3.9 a
6.5 ± 1.9 bc

9.3 ± 2.5
abc

5.5 ± 1.0 c

Total
0.2 ± 0.1d
0.0 d
5.9 ± 3.3 bc

18.2 ± 0.6

1.1 ± 0.4 cd

3.5 ± 1.9 bc

1.0 ± 0.3 cd
7.9 ± 1.6 a

1.6 ± 0.8 cd

0.0 e
0.0 e

3.9 ± 1.6 bc
0.8 ± 0.2 de

16.1 ± 4.7 b

30.9 ± 9.9 a

12.2 ± 0.03 b
19.6 ± 5.0 ab

14.5 ± 7.1 b

0.0 d
0.0 d

28.7 ± 7.6 ab
14.5 ± 4.2 b

b

1.3 ± 0.4
cd

12.1 ± 2.0 b

Total
0.3 ± 0.2 c
0.0 c
12.4 ± 7.6 b

7.2 ± 3.9 c

10.6 ± 3.9 bc

0.05 ± 0.02 cd
26.7 ± 2.4 a

8.0 ± 5.0 bc

0.0 d
0.0 d

16.6 ± 5.5 b
4.0 ± 1.3 c

5.8 ± 2.8 c

abc

14.8 ± 10.7

Progressive
0.0 d
0.0 d
8.5 ± 6.8 bc

% Relative Motility

1.3 ± 0.4 cd

Progressive
0.0 e
0.0 e
1.5 ± 1.0 cde

% Thawed Motility

Effects of cryoprotective treatments and thawing temperature on percent initial, thawed, and relative sperm motilities

Values with different letter superscripts within the same column are significantly different from one another (p<0.05)
Relative motility is expressed as the percentage of motile sperm upon thawing relative to the initial percentage of motile sperm
Non-progressive motility not shown

abc

20ºC

Thaw
Temp.

Table 3.2

118

4.6 ± 1.7 bc
2.6 ± 0.7 c

5% Trehalose
5% Sucrose

3.3 ± 0.9 a

3.1 ± 0.6 a

3.5 ± 1.0 a

3.2 ± 0.7 a

2.1 ± 0.4 ab

2.3 ± 0.9 ab

3.3 ± 0.6 a

1.6 ± 0.8 b

3.1 ± 0.6 a

0.5 ± 0.2 c

3.4 ± 0.5 a

0.5 ± 0.4 c

1.6 ± 0.2 b

3.5 ± 0.5 a

% Bent Tails

10.8 ± 3.1 a

13.7 ± 5.2 a

4.6 ± 1.0 bc

3.4 ± 1.9 bc

6.1 ± 0.8 b

8.9 ± 1.2 ab

13.6 ± 4.3 a

4.4 ± 1.7 bc

2.4 ± 0.3 c

2.4 ± 0.4 c

1.4 ± 0.2 c

3.2 ± 0.5 bc

1.7 ± 0.8 c

6.7 ± 0.5 b

% Supercoiled
Tails

14.0 ± 2.6 bc

15.6 ± 4.6 bc

9.9 ± 1.6 cd

17.8 ± 2.9 bc

10.9 ± 2.5 cd

11.3 ± 1.5 cd

34.7 ± 4.8 a

5.8 ± 2.5 de

7.6 ± 4.5 de

3.9 ± 1.3 e

7.1 ± 1.2 de

4.5 ± 0.7 e

4.8 ± 0.9 e

15.6 ± 4.1 bc

% Total Abnormal
Sperm

: Values with different letter superscripts within the same column are significantly different from one another (p<0.05)

abc

17.5 ± 3.5 a

0.5% BSA

5.2 ± 4.3 bc

1.9 ± 0.9 c

5% DMSO + 5% Sucrose

5% DMSO + 5% Sucrose

2.6 ± 0.3 c

5% DMSO + 5% Trehalose

2.4 ± 0.7 c

1.3 ± 0.2 c

5% DMSO + 0.5% BSA

5% DMSO + 5% Trehalose

3.7 ± 0.6 c

5% DMSO

3.0 ± 0.6 c

0.6 ± 0.5 d

5% Sucrose

5% DMSO + 0.5% BSA

2.4 ± 0.9 c

5% Trehalose

14.0 ± 3.3 a

7.8 ± 0.7 b

0.5% BSA

5% DMSO

% Broken
Heads

Cryoprotectants

Effects of cryoprotectants and thawing temperatures on percent abnormal sperm 1.0±0.06

Thawing
Temperature

20ºC

40ºC

Table 3.3
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Discussion
Overall, thawing Ambystoma tigrinum sperm at 20ºC showed to be less damaging
to the sperm than thawing at 40ºC. There was not, however, and advantage to using
wither thawing rate in regards to recovery of sperm motility. As for cryoprotectants,
relative recovered total motility was highest in the 5% DMSO with 5% trehalose and in
the 5% DMSO with 0.5% BSA. The 5% DMSO with 0.5% BSA thawed at 40ºC had the
highest relative progressive motility of all treatments (see table 3.2). In the 5% trehalose
treatment and the 0.5% BSA treatment, when no DMSO was added, there was little to no
recovered motility, but when these additives were combined with DMSO, the relative
recovered motility appeared to increase significantly. This increase was significant as
compared to the 5% trehalose, 5% BSA, as well as the 5% DMSO when each of these
agents were applied alone. This suggests there is an additive effect of when BSA or
trehalose is combined with DMSO in a cryoprotective solution. Both BSA and trehalose
are typically used as additives, and are not commonly used as cryoprotective agents on
their own. When used as additives, their antioxidant effects and effects on water add to
the protection of the tissue undergoing cryopreservation and help prevent further damage.
They protect the cells in ways that the base cryoprotective agent cannot, and so their
addition may increase the amount of recovery upon thawing [Watson & Holt, 2001].
The treatments which achieved the best recovery overall were the 5% DMSO with
5% trehalose and the 5%DMSO with 0.5% BSA. Of the treatments used for this study,
these two would be recommended for use in cryopreservation of sperm in species of
Ambystomids and, potentially, other caudate species. This study used very low strength
cryoprotectant solutions, in order to ensure the least amount of toxicity. It is
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recommended that further testing be performed with increased concentrations of
cryoprotective agents and additives in order to determine if increased recovery can be
achieved with stronger solutions. This study also used a set concentration of one million
sperm/mL for all trials. It is possible a higher concentration of Ambystoma tigrinum
sperm is needed in order to achieve ideal recovery. Salamanders naturally produce
condensed spermatophores, which are deposited into the environment, sometimes in
freezing temperatures [Duellman & Trueb, 1994; Vitt & Caldwell, 2009]. This suggests
that salamander sperm is likely well suited to surviving freezing, especially when slow
freeze methods are used. However, because the spermatophore is incredibly dense,
salamander sperm may be required high concentrations for successful cryopreservation.
This is the first study to report effects of thawing rates on milt collected from
salamanders which typically produce spermatophores. Previous studies have reported
effects of cooling and thawing rates on spermatophores [Figel, 2013] and on milt
collected from Cryptobranchids [Unger et al, 2013; Peng et al, 2013]. In previous studies,
there was no significant effect of thawing rate on viability of salamander sperm or on
abnormalities [Figel, 2013]. Previous studies have shown a difference in cooling rates
and recovered viable sperm, but these result varied by species. In spermatophore
producing species, a slow cooling process was superior to a fast cooling process whereas
in Cryptobranchid milt the fast freezing process resulted in higher viability [Figel, 2013;
Unger et al, 2013]. In this study, cooling rates were kept constant, therefore addressing
differences in cooling rates is a venue for future study in the freezing of salamander milt
from animals that typically produce spermatophores. The thawing rates in this study were
chosen from highly successful thawing rates in anurans [Langhorne, 2015]. However, as
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mentioned previously, many salamander species, including Ambystoma tigrinum, breed in
winter months, sometimes at freezing temperatures [Duellman & Trueb, 1994; Vitt &
Caldwell, 2009]. It is possible that salamander sperm needs lower thawing rates for ideal
recovery from freezing. The 20ºC thawing temperature was more successful, which may
be an indicator that lower temperatures are more successful at thawing salamander milt.
Further exploration of the thawing rates of salamander sperm is needed to fully
understand how to achieve ideal recovery rates from freezing.
The goal of the addition of cryoprotectants is to prevent major damage to cells
and tissues during the freezing and thawing process. This study has characterized
different common abnormalities seen in thawed sperm and the frequency of each
abnormality upon thawing at different temperatures. This assesses how effective the
cryoprotectant was at protecting the sperm from damage; it does not assess how much
damage or toxicity the cryoprotectant may have caused. The toxicity of cryoprotective
agents to sperm is always a concern. There is potential that cryoprotective agents may
cause damage to cell membranes or cell DNA and fertility [Anchordoguy et al, 1987;
Holt 1, 2000; Parks & Graham, 1992; Watson, 2000]. The mechanism by which sperm
recovery was observed in this study was motility, which does not report whether sperm is
alive and unmoving, or is damaged and moving. Using fluorescent stains, such as
Hoechest, SYBR-14, and Propidium Iodide, can help determine which cells are alive and
unmoving or moving and damaged. Using these types of stains, it can be determined if
sperm has been damaged at either the membrane or the genetic level. This can show if
damages will affect sperm fertility or the fitness of an potential progeny developed from
frozen-thawed sperm [Garner & Johnson, 1995; Januskauskas et al, 2003, Shiroshiva et
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al, 2011]. Preliminary attempts were made to use these three stains in Ambystoma
tigrinum sperm and were unsuccessful. Successful staining of Ambystoma mexicanum
sperm with SYBR-14 and propidium iodide has been reported [Figel, 2013]. It is possible
that species specific buffers in salamanders are necessary in order for these stains to be
effective.
The cryoprotective agents utilized in this study were mostly hyperosmotic
solutions. There was a question as to how these solutions would affect the activity of the
salamander sperm. There is not much available information on the response of
salamander spermatozoa to osmolality. Anuran sperm are well known to become
activated by hypoosmotic solutions, and anuran sperm activity has an inverse relationship
with osmolality [Inoda & Morisawa, 1987]. In 1986, Hardy and Dent showed that sperm
from the red spotted newt was more active in hypoosmotic solution; however, the sperm
was still active at isosmotic and hyperosmotic solution. Additionally, the sperm remained
active for a longer period in the isosmotic solution than in the hypoosmotic solution.
Preliminary study was attempted to observe the effects of osmolality on sperm from
Ambystoma tigrinum (see Appendix G). These experiments showed that, while there was
a drop in activity from seminal fluid when transferred to any of the solutions, that sperm
remained active within hypoosmotic solutions (100 mOsm), isosmotic solutions (300
mOsm), and hyperosmotic solutions (600 mOsm), but were most active at isosmotic
solutions composed of potassium and chloride ions. In the cryoprotective study, the
salamander sperm remained very active in the hyperosmotic cryoprotectants, which were
not diluted upon thawing. In preliminary studies, when the cryoprotectant was diluted
upon thawing with phosphate buffered saline, the sperm broke, died, or became
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immobile. Much more study needs to be done in order to understand osmolality, ions, and
their effects on salamander sperm. Potential future studies include observing the effects
of ions and of osmolality as separate variables over time. Additionally, in this study the
medium which the cryoprotectants were made in was sterile water. In the future, attempts
at trying different media, such as phosphate buffered saline, amphibian Ringer’s, or
Holtfreter’s solution, could be beneficial to the success of freezing and thawing
salamander sperm.
This study shows that salamander milt obtained from species that typically
produced spermatophores is capable of cryopreservation in multiple cryoprotective
agents and when thawed at different temperatures. While further study is warranted to
determine ideal methods for obtaining maximal viable sperm recovery, this study shows
that the process has potential and lays groundwork for development of protocols for
conservation of endangered species of caudates.
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CHAPTER IV
DEVELOPMENT OF HORMONE PROTOCOLS FOR THE INDUCTION OF
OVULATION AND OVIPOSTION IN FEMALE TIGER SALAMANDERS
(AMBYSTOMA TIGRINUM)
Introduction
Amphibians rely on reproductive cues from the environment in order to breed
naturally. These cues commonly include changes in in temperature, humidity, day length,
or barometric pressure [Duellman & Trueb, 1994; Vitt & Caldwell, 2009]. Environmental
cues are specific to each species; however, regardless of each species’ needs, the separate
cues within the environment must coordinate and synchronize appropriately in order to
cause the resultant change in hormone levels which trigger breeding [Kim et al., 1998;
Norris & Jones, 1987; Norris & Lopez, 2011; Ogielska, 2009]. The specific cues which
regulate amphibian hormone levels and signal amphibian reproduction are particularly
important for the female amphibian reproductive system and oviposition [Browne &
Zippel, 2007; Grant et al., 2009; Oseen & Wassersug, 2002; Rudolf et al., 2004; Whittier
et al., 1987]. The cycle of developing oocytes is a long process that takes a number of
months in most species [Norris & Jones, 1987; Norris & Lopez, 2011; Ogielska, 2009].
External cues throughout this process are key to developing eggs that will be capable of
fertilization, eggs with yolks capable of supporting the developing embryo, appropriate
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ovulation, and appropriate oviposition [Browne & Zippel, 2007; Anderson et al., 1999;
Whittier et al, 1987].
In amphibian captive breeding facilities, some of the biggest challenges which
result in reproductive failure concern females. Frequently, these challenges are a result of
an inability to recreate environmental cues to stimulate appropriate endogenous changes
for breeding [Clulow et al., 2014; Kouba et al., 2009; Roth & Obringer, 2003]. There are
three main challenges which captive breeding facilities face regarding female amphibian
reproduction: females will have developed eggs within their ovaries but will not oviposit;
females will oviposit but fertilization will not be achieved; or females will not develop
eggs [Kouba et al., 2009; Reyer et al., 1999]. In captive anurans, males will frequently
still perform amplexus with females which are not going to oviposit [Reyer et al., 1999].
These mating behaviors may lead to wasted energy and resources of males that are ready
to breed [Kouba et al., 2009]. Additionally, and more critically, females of some species
of anurans, such as the Panamanian Golden Frog or the Wyoming Toad, have died in
captive breeding colonies due to either a failure to release eggs or egg sepsis [Wright &
Whittaker, 2001; Ploog, Personal Comm, 2016]. Egg binding and egg sepsis are not
commonly recognized in caudates; however this may be because there are fewer captive
breeding programs for caudate species.
While there is some available information available on exogenous hormones in
caudates and obtaining eggs from females [Khattak & Tanaka, 2009; Mansour et al.,
2011; Trottier & Armstrong, 1975; Uteshev et al., 2015], these attempts focus on highly
inbred laboratory species [Khattak & Tanaka, 2009; Mansour et al., 2011; Trottier &
Armstrong, 1975], or species freshly caught from the wild during their breeding season
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[Stoops et al, 2014; Uteshev et al., 2015]. For the purposes of captive assurance colonies,
it is critical to test animals that have been obtained from the wild and acclimated to their
surroundings, or results may not be replicable [Calisi & Bentley, 2009].
Ultrasound has been utilized in amphibian reproduction in order to view the
development of follicles and oocytes [Kouba et al., 2009; Roth & Obringer, 2003; Stoops
et al., 2014]. However, in these instances the ultrasound was used to view the oocytes at
single time points and the development was not tracked over the course of a season or
over the course of an entire hormone treatment. In this experiment the follicles of eastern
tiger salamanders (Ambystoma tigrinum) are observed over the course of three different
length courses of hormone treatments, as well as throughout the year while they are not
being treated. Ultrasound is used against the different treatments in order to observe
follicular and oocyte development to determine the ideal timing for hormone stimulation
and induction of oviposition.
Materials and Methods
All protocols for animal care and use were reviewed and approved by the IACUC
at Mississippi State University.
Experimental Animals
Fifteen female eastern tiger salamanders (Ambystoma tigrinum) were obtained
from private breeders. The female salamanders were maintained in tanks and conditions
identical to the male salamanders described in Section 2.2.1. Treated females were not
fed during oviposition in order to prevent regurgitation.
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Induction of ovulation and oviposition using exogenous hormones
Hormone treatments were scheduled such that animals only received hormones at
intervals of three months apart or greater. The three month recovery period was selected
based on previously reported recovery periods in amphibians [Calatayud et al., 2015;
Kouba et al., 2009] and based on the apparent recovery of follicular cycling observed on
ultrasound. This was to ensure appropriate time between treatments for elimination of
hormones and for recovery of the ovaries from hormone effects. This does not eliminate
the possibility of long term damage to the ovaries or fecundity, and longer recovery times
are suggested for animals used in conservation practice [Kouba et al., 2009; McDonough
et al., 2015].
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Table 4.1
Grade
G3
(High Grade)

Ultrasound grading scale for follicular and oocyte growth in amphibians
Image on Ultrasound

Description
Near Complete Development:
-Follicles hypoechoic and rounded
-Well defined, well spaced, hyperechoic
oocytes

G2
(Mid- Grade)

Moderate development:
-Follicles uneven areas of hypoechogenicity
-Uneven spacing between moderately
developed oocytes

G1
(Low Grade)

Poor Development:
-Follicles and oocytes tightly clumped
together
-Small and poorly developed follicles and
oocytes
-Little to no areas of hypoechogenicity
between follicles

G0
(No grade)

No Development:
-Little to no obvious follicular or oocyte
development

*All measurements taken with Image J Software (National Institutes of Health, Bethesda,
Maryland, USA)
Oviposition hormone protocols were developed based on the priming sequences
used in some anuran species [Calatayud et al., 2015; Browne & Zippel, 2007; Kouba et
al., 2009; Wright & Whittaker, 2001] and based on the cycling of oocyte and follicular
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development that was seen on ultrasound in the tiger salamanders. The treatments A:
Short, B: Middle, C: Long) are detailed in Table 4.2. The concept behind the treatment
was that the level of hormones would be increased accordingly to fit the needs of the
grade on ultrasound (see table 4.1). Animals given a grade 3 (G3) on ultrasound were
almost ready to lay and it was hypothesized that they only needed a small hormone signal
in order to oviposit. Animals given a grade 2 (G2) were in mid cycle and it was
hypothesized that they needed a slightly longer treatment period to finish developing their
oocytes before oviposition. Animals given a grade 1 (G1) did not have very developed
oocytes, and it was hypothesized that they would need a longer treatment period in order
to increase hormone levels, to cycle, and to oviposit. Preliminary trials were run on
treatment groups of n = 9 animals each, where females of ultrasound G3 were given the
short (C) treatment, females of ultrasound G2 were given the middle (B) treatment, and
females of G1 were given the long (A) treatment. Of the G3 females, 100% oviposited; of
the G2 females, 83.3% oviposited; and of the G1 animals, 33.3% oviposited. Females
treated with a control injection of sterile PBS (n=15) did not oviposit.
The promising results from preliminary trials led to a more expansive
experimental design. A 3x3 factorial design, with the treatments and the ultrasound
grades as factors, was executed (See table 4.3). Animals were randomly assigned to their
treatment by their allocated grade at weekly ultrasounds. Each treatment by grade
combination was assigned n=6 female salamanders. This meant each level of each factor
was received by n=18 females. The eighteen females in the laboratory’s possession were
reused in multiple treatments. No single animal received the same treatment by grade
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combination twice. For protocols on reconstitution and administration of hormones, see
Appendix B.
Table 4.2

Female Ultrasound Paired Hormone Protocols

Time of injection
prior to ovulatory
dose
360 hr
192 hr
24 hr
Ovulatory Dose

Treatment
B:Middle

A:Long

C:Short

1 IU/g hCG
1 IU/g hCG
1 IU/g hCG
2 IU/g hCG
2 IU/g hCG
4 IU/g hCG + 0.1
4 IU/g hCG + 0.1
4 IU/g hCG + 0.1
µg/g LHRH
µg/g LHRH
µg/g LHRH
The treatments were initially tailored for ultrasound grades. Long was tailored for G1,
Middle for G2, and Short for G3.

Factor 2: Ultrasound
Grade

Table 4.3

3x3 Factorial Layout

G1
G2
G3

Factor 1: Treatment
Middle (B)
Short (C)
G1 x B
G1 x C
(n=6)
(n= 6)
G2 x B
G2 x C
(n =6)
(n= 6)
G3 x B
G3 x C
(n =6)
(n= 6)
nM=18
nS=18

Long (A)
G1 x A
(n =6)
G2 x A
(n =6)
G3 x A
(n =6)
nL=18

nx where x is the factor level and n is the number of animals

nG1=18
nG2=18
nG3=18
Total
N=54

Ultrasound
Ultrasound was used in order to visualize the follicle and oocyte development of
the female salamanders. At the time of each ultrasound procedure, the animal was
weighed and the width of her abdomen at the widest point was measured using calipers to
the nearest millimeter. At each ultrasound viewing, the development of the oocytes and
follicles were assigned a grade (G0-G3) as detailed in Table 4.1. An ultrasound image of
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the ovaries was captured and all images were saved to a hard drive for measurement and
assessment. Measurement of the diameter of the hyperechoic area of the oocyte was taken
for each image with Image J software (National Institutes of Health, Bethesda, Maryland,
USA) using the ultrasound scale bar as a reference scale. A total of five oocytes were
measured in each image and averaged together for oocyte measurements.
For each ultrasound procedure, a Sonosite Micromaxx ultrasound machine with a
13-6 MHz, 38mm linear transducer was used to capture images of the animals’ ovaries.
The frequency was placed on the general setting, and a depth of 2.7 cm was used for all
animals. Gain was adjusted as needed. For the ultrasound procedure, animals were held in
dorsal recumbency and their abdomen was wetted thoroughly with dechlorinated,
conditioned tap water for conductance. The linear probe was placed transversely across
the widest part of the abdomen. The probe was slowly angled or adjusted so that an even,
transverse image of the abdomen and ovaries was obtained. For more detailed instruction
on ultrasound, see Appendix B.
Ultrasound was performed on the female salamanders once per week while they
were not receiving treatment. When a female was receiving treatment, the animal had
ultrasound performed prior to each hormone dose and every day during the observation
period until either they stopped oviposition or the observation period was over. The final
treatment-related ultrasound was performed just after the animals had completed final
oviposition, or the observation period ended, and then animals returned to their normal
weekly ultrasound schedule.
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Egg Collection
Egg collection and animal observation occurred over the course of 120 hours. For
the first 24 hours, the females would be observed every other hour for egg laying
behavior and oviposition. If no eggs were obtained after the first 24 hours, observation
decreased to every 4 hours. Following 48 hours, if no eggs were obtained, the females
was observed every 12 hours until either she oviposited or the 120 hours was over.
If oocytes were obtained at any observation, collection would be attempted hourly
until the female could not produce eggs. If females were nearing the end of their clutch,
and only a small amount of eggs (≤10) were obtained at each collection, collection would
be attempted every other hour until eggs were no longer obtained. If a female oviposited,
after every collection the animal would be weighed, an ultrasound would be performed,
and her abdomen width would be recorded. Regardless of whether a female oviposited,
every 24 hours each female that received a treatment was weighed, given an ultrasound,
and had their abdomen measured.
During the 120 hr observation period, the females were removed from their
normal group tanks and placed in individual plastic containers identical to those
described in section 2.2.3. During the daytime, the containers were placed on a gentle
slope such that approximately half of the interior was submerged in water and the other
half was dry. During the first 48 hours of observation, the water was removed during the
night. This was to prevent any oviposition into the water and missed opportunity to
utilize eggs for in vitro fertilization. After 48 hours, water was left in the tubs constantly
and replaced every 24 hours, or as needed if an animal defecated in the water. As was
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true for the male salamanders, containers were covered with dark towels during the
observation period in order to reduce animal stress.
At each observation, the tub was inspected for any eggs the female might have
oviposited. If the animal had oviposited in the water, the eggs were counted and
discarded. If the animal had oviposited on a dry surface within the last two hours, the
eggs were counted and removed for further analysis.
If the animal had oviposited, an attempt was made to collect eggs from the
female. If the female had not oviposited, she would be checked to determine if she was
ready to oviposit and, if ready, an attempt to collect eggs would be made. A collector
determined if a female was ready to oviposit by picking her up, gently placing her in
dorsal recumbency, and inspecting her cloaca. If her cloaca was red, swollen, and slightly
open, there was a chance she would be ready to oviposit. If the female oviposited or
showed any of the above signs, collection would be attempted. First, the forefinger would
be wetted and the cloaca would be gently stroked. If a female was very ready to oviposit,
eggs may come out from this slight cloacal stimulation. If the cloacal stimulation did not
produce eggs after approximately 10 seconds of stoking, expression was attempted. First
the females hind limbs were delicately restrained so that they did not kick any eggs
exiting the cloaca, rupturing them. Next a gentle pressure was places on either side of the
female at the base of the abdomen, just above the hip bones. A massage was not utilized,
for fear of damaging the large, fragile oocytes and causing sepsis. If a very gentle
pressure did not cause oviposition after approximately 30 seconds, the female was left
alone until the next observation. If she did begin to oviposit, gentle pressure was applied
until eggs stopped freely coming out of the cloaca.
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Eggs were collected from the female cloaca directly into a deep petri dish. Little
to no manipulation of the eggs was carried out in order to maintain the integrity of the
egg structure. Once the female finished her oviposition, the eggs were counted.
Evaluation of morphometric changes to hormone stimulation
As noted, the width of the female salamanders’ abdomen were measured at each
ultrasound. This occurred whether or not they were undergoing treatment. This was in
order to monitor if the animals became measurable swollen when they were gravid.
Statistical Methods
Data was assessed for normality using histogram plots and the Shapiro-Wilk test.
A two-way multivariate analysis of variance (MANOVA) was used to assess the
effects of the treatments and the ultrasound grades on egg laying and related variables.
Variables found significant were assessed post hoc by the Least Square Means procedure.
In order to assess the binary outcome of how many animals laid eggs, a Fisher’s Exact
test was used.
Results
Results of the two-way MANOVA showed an overall significant difference in
number of eggs laid (p=0.001; F=4.1). There was a significant interaction effect of
treatment and ultrasound grade (p=0.01, F=3.75) and a significant main effect of
ultrasound grade (p=0.001, F=8.36) on the number of eggs laid. There was also a
significant difference in time (hours, relative to the ovulatory dose) to first oviposition
(p=0.01, F= 2.27), with a main effect by grade (p=0.04, F=2.91).
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There was no significant difference in the difference in the weight (g) or the width
(mm) of the animal before treatment to the time of the ovulatory dose. However, there
was a significant difference in weight from the time of ovulatory dose to the weight after
completion of observation (p0.05, F=2.14), with a significant main effect of ultrasound
grade (p=0.005, F=6.03). Similarly, the difference in width of the abdomen from the
time of the ovulatory dose to after completion of observation was significant (p=0.03,
F=2.28) with a significant main effect of ultrasound grade (p=0.02, F=4.22). Wilk’s
Lambda test supported the finding that there was a main effect of ultrasound grade
overall (p=0.005, F=2.28).
The least squares means procedure was performed on the variables that showed
significant overall and main effects. The results of this procedure are displayed in Table
4.7.
Results of Fisher’s Exact analysis showed that number of animals laying eggs
significantly differed by grade (p<0.0001), however there was no significant difference
between animals laying eggs by treatment (p=0.4). The number of animals laying eggs
showed to be significantly different by grade even when controlling for treatment
(p=0.002). No significant difference in number of animals laying eggs by treatment was
not seen, even when controlling for grade.
Overall, regardless of treatment, animals that were given a grade 1 on ultrasound
responded less frequently to treatment and produced significantly lower numbers of eggs
than animals that were given grade 2 or grade 3. Grade 1 animals also oviposited
significantly later, relative to the ovulatory dose, than animals given a grade 2 or a grade
3. Regardless of ultrasound grade, animals treated with treatment A oviposited at an hour
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much closer to the time of the ovulatory dose than animals treated with treatment B or
treatment C. This is likely because treatment A had the longest set of priming doses
which gave the oocytes the longest amount of time to prepare for oviposition, prior to the
ovulatory dose. Animals given a grade 1 or grade 2 on ultrasound would be given more
hormones prior to the ovulatory dose to help development and would be more likely
ready for oviposition when reaching the final dose in this treatment than in other
treatments. Some animals given a grade 3 on ultrasound oviposited prior to the ovulatory
dose (e.g. oviposited when given a priming dose). This was recorded as a negative time
point. Grade 3 animals that did not oviposit at a negative time point and grade 2 animals
were likely to oviposit within a few hours of the final ovulatory dose of treatment A.
Grade 1 animals which achieved oviposition were likely to oviposit within a normal 1824 hour range post ovulatory dose. On average, this made animals likely to oviposit much
sooner if given treatment A.
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ab

635.5 ± 226.9 b

216.7 ± 54.9 ab

207.5 ± 49.6

98.3 ± 54.2 a

290.1 ± 111.0 ab

300.3 ± 60.4 ab

0.0c

4.7 c

Egg Number
± SEM
100.7 ± 68.6 a

15.0 ± 1.7 ab

-16.1 ± 32.0 abc +

-122.0 ± 69.2 c +

43.8 ± 20.1 a

19.5 ± 2.7 ab

2.0 ± 32.1 ab

-

41.0 ab

Time to oviposition (hr)
± SEM *
29.5 ± 13.5 ab

Values with different superscripts are significantly different
*Time to first oviposition relative to ovulatory dose + Negative number refers to oviposition prior to ovulatory dose
**Values reported for Grade 1, Treatment 2 are for a single animal
Ultrasound grades reported are grades recorded at the initiation of hormone treatment
For full description of ultrasound grades, see Table 4.1
For full description of treatment grades, see table 4.2

a,b,c

100.0 ± 0.0 c

C

100.0 ± 0.0 c

A
100.0 ± 0.0 c

66.7 ± 21 b

C

B

66.7 ± 21 b

B

100.0 ± 0.0 c

A

**B
0.0d

16.7 ad

A

C

% Responders
± SEM
33.3 ± 21.1 ab

Treatment

The interaction between treatment and ultrasound grade on mean number of responders, egg number, and time to
oviposition

Grade 1
Grade 2
Grade 3

Table 4.4
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Discussion
The number of animals that responded to treatment and the number of eggs
produced by animals was significantly affected by ultrasound grade. Overall, regardless
of treatment, animals that were given a grade 3 on ultrasound responded more frequently
to treatment and produced significantly greater numbers of eggs than animals that were
given grade 1 or grade 2. Grade 3 animals also oviposited significantly sooner, relative to
the ovulatory dose, than animals given a grade 1 or a grade 3. This is likely due to grade
3 animals, having more developed oocytes than grade 1 or grade 2 animals, made them
more prepared for oviposition. In the females with less mature oocytes, it would take
more time for the oocytes to complete development and for the female to oviposit.
Timing to oviposition has been shown to have a critical impact on egg quality in
amphibians, with animals laying after 24 hours having decreased fertility rates [Browne
& Zippel, 2007; Kouba et al, 2009]. Additionally, the responses of the animals was a
significant effect which supported the hypothesis that using ultrasound to observe
development of oocytes and to adapt treatment protocols to the stages of development
seen on ultrasound is beneficial for assisted reproductive technologies in amphibians.
There was a question about ultrasound grade 3 animals that oviposited early when
given treatment A. Grade 3 was the only grade of animals that oviposited prior to an
ovulatory dose, and treatment A was the only treatment in which grade 3 animals
oviposited early. The animals that oviposited early, on average, laid fewer eggs than
grade 3 animals that did not oviposit early. On ultrasound after the animals oviposited,
there were no mature oocytes or follicles observed and there were no oocytes near the
ovisac. Had mature oocytes been visualize on the ovaries or in the oviducts/ovisac,
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treatment would have continued as there would be potential for ovulation and/or
oviposition. [Ogielska, 2009; Sever-1, 1991; Sever-2, 1991; Sever & Lynne, 1985].
However, as mature oocytes and follicles were not observed, for the safety of the
animals, treatment was discontinued. It is possible that, had the treatment been continued
and had these animals been given the ovulatory dose that they would have recruited more
eggs. Because they laid fewer eggs than other grade 3 animals, it should be tested to see
if grade 3 animals that oviposit on a priming dose of treatment A will recruit and lay
more eggs by the time they are given the ovulatory dose.
Treatments B and C may not have provided enough hormone in order to help
immature oocytes to develop and result in oviposition. In some cases, oviposition did not
occur at all; for instance, no grade 1 animals oviposited when treated with treatment C.
The treatment A had three primes of hCG. The hormone hCG acts as a analog to
luteinizing hormone (LH), which is responsible for stimulating progesterone production,
estrogen precursor production, and maintaining the corpus luteum until the oocyte is
mature [Atger, 1995; Moyle, 1995; Norris & Jones, 1987; Norris & Lopez, 2011;
Ogielska, 2009]. Providing three primes of this hormone, over a two week period, may
have allowed the oocytes to fully complete development where necessary. Over the
course of the treatment period, females that were a grade 1 or grade 2 that were treated
with treatments A or B could be seen increasing in grade number as they received
priming doses. Animals that did not oviposit when given treatment C had increased
ultrasound grades when examined on ultrasound a week later.
There was, conversely, a risk of “overpreparing” the eggs by giving animals with
mature eggs more hormone than necessary. Animals with an ultrasound grade 3 that were
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given treatments 1 or 2 that completed the full treatment (i.e. did not lay eggs when given
a prime) most often laid eggs poor in quality. Egg quality was defined by parameters
including egg consistency, egg size, number of eggs intact, and egg color. The amount of
data collected on egg quality for this study was insufficient, and for future studies would
benefit from data including egg quality measurements between animal treatments and
animal ultrasound grades.
Treatment and ultrasound grade were also shown to have interacted to affect egg
production. Animals with the highest developmental stage (ultrasound grade 3) paired
with the shortest hormone protocol (treatment C) produced the largest amount of eggs,
while the animals with the lowest developmental stage (ultrasound grade 1) paired with
the shortest hormone protocol (treatment C) produced the smallest amount of eggs. The
grade 1 animals, however, produced the highest number of eggs for that specific
ultrasound grade when given the longest hormone treatment (treatment A). The hormone
protocols that were meant for higher and lower stages of development had significant
effects on egg number within the corresponding ultrasound grade. This interaction of
ultrasound grade and treatment is consistent with the hypothesis that animals will be
more responsive to hormone protocols which are adapted to the developmental stages of
eggs that are seen on ultrasound.
The time at which oviposition occurred, in proximity to the ovulatory dose, was
also affected by an interaction between ultrasound grade and treatment. Animals given a
grade 3 that were treated with treatment A oviposited significantly sooner than all other
animals given all other treatments. This is likely because animals given a grade 3 had
eggs that were very developed and ready to oviposit, so the long priming protocol of
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treatment 1 was excessive. They therefore responded prior to the ovulatory dose
(oviposited when given a priming dose), making this a negative value. Once more, this
interaction supports the hypothesis that the use of ultrasound grading to refine hormone
protocols for ideal results is beneficial. Pairing this with treatment, it would be possible to
improve the timing of oviposition. Timing to oviposition has been shown to have a
critical impact on egg quality in amphibians, with animals laying after 24 hours having
decreased fertility rates [Browne & Zippel, 2007; Kouba et al, 2009]. Therefore, using
ultrasonography techniques and treatment to improve the timing of this variable is very
beneficial for the future of captive breeding and assisted reproductive technologies in
amphibians.
These protocols were attempted in the regionally endangered blue spotted
salamander (Ambystoma laterale). Ultrasound was extremely clear, despite animals being
so small (7-14 g), and use of hormones resulted in 100% of female ovipositing.
Unfortunately, results were not replicable on further attempts. This may be attributed to
differences in cycling hormones or even in environmental differences. Regardless, initial
success suggests that, with some adjustments, protocols developed for induction of
oviposition in Ambystoma tigrinum models may be applied to endangered target species
safely and successfully (See Appendix F for blue spotted salamander data).
The use of ultrasound techniques in amphibians is relatively efficient and involves
minimal stress on animals. In animals that are not habituated, there is a greater potential
for stress as the animals must be handled or maintained in a position where they are
moderately still for accurate ultrasound readings. There is some concern that ultrasonic
waves may actually harm the oocytes Additionally, ultrasonography takes trained
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personnel which, particularly for amphibians, are less readily available than ultrasound
machinery. There is also concern of ultrasound causing damage to developing oocytes.
Most studies have been concerned with developing mammalian fetuses, and thus have
observed amphibians already in the embryonic state. Very little is known about how
ultrasound affects oocytes. It is known that ultrasound, when delivered at high
frequencies for an extended amount of time, or on modified animals, can cause damage to
developing fetuses [Abramowicz, 2014; Fisher & Stratmeyer, 2012]. When
ultrasonography is performed at most frequencies used in medicine under typical
circumstances has not been shown to cause negative effects on development [Fisher &
Stratmeyer, 2012]. That being said, there is a concern about the effects of
ultrasonography on oocytes, as so little is known, and particular concern in amphibians,
as their skin is so thin and their large oocytes fill their coelomic cavity when mature
[Wright & Whittaker, 2001].
Despite these concerns about ultrasound, traditional methods of determining
gravidity in amphibians have proven fallible. These methods include observing weight,
girth, or looking at the underbelly to attempt visualization of oocytes through the skin
[Altig, Personal Comm, 2016]. Ultrasound is an alternative that allows one to look inside
the animals and visualize the development of oocytes. Using high frequencies ultrasound,
it may be possible to distinguish even further details of oocyte development and to
actually track the process of ovulation. In this study, it was possibly to generalize the
maturity of the oocytes and to determine oviposition by observing oocytes moving into
the ovisac, but detailed development of the oocytes within the ovary and ovulation were
not observed. In this study, the general cycle of the Ambystoma tigrinum was observed
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over time. It took 57.1 ± 3.9 days for animals to reach an ultrasound grade 3 from an
ultrasound grade 0, 28.4 ± 7.2 days to reach a grade 3 from a grade 1, and 8.3 ± 2.1 days
to reach a grade 3 from a grade 2. After laying eggs, most animals dropped from the
grade they were at receipt of the ovulatory dose to a grade 1 or a grade 0 and took the
above stated amount of days to return to gravidity. Because these animals had been given
hormones, and were not kept at natural temperatures, these reported cycles may not be
consistent with the cycles of wild animals. Future studies should include comparing wild
animal cycles to captive animal cycles, and to compare cycles across multiple species.
The use of a ultrasound grading scale of oocyte development and maturity to
determine appropriate hormone treatment for induction of ovulation appears to be a
successful method of improving egg number, timing of oviposition, and response to
hormone treatment. It is recommended that ultrasound grading be used to determine
maturity of eggs and to scale the amount of hormones the animal will receive, based on
that grade, when breeding amphibians.
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CHAPTER V
DEVELOPMENT OF IN VITRO FERTILIZATION PROTOCOLS FOR TIGER
SALAMANDERS (AMBYSTOMA TIGRINUM)
Introduction
Amphibian populations continue to decrease, as a result of aging animals, disease,
environmental contaminants, and lack of recruitment and breeding. Captive assurance
colonies for declining populations help to maintain population numbers; however, an
often overlooked and equally important role of these colonies is to help to maintain
population genetic diversities [Kouba et al., 2009; Clulow et al., 2014; Roth & Obringer,
2014]. Captive assurance colonies are effectively a living biobank whereby selective
breeding of animals in dwindling populations maintains valuable genetic diversity. The
genetics of aging animals can easily be lost in wild populations where mating
opportunities are limited. Furthermore, fragmentation of habitat can lead to lack of
recruitment and decreased genetic diversity which results in a loss of fitness [Collins &
Storfer, 2003; Gascon et al, 2005; Hayes et al., 2010]. The formation of managed
assurance colonies where genetic representation from founder animals that may be aging,
and animals that are from fragmented habitats that would otherwise not be able to breed,
allow introduction of new genes into the population and an overall preservation of fitness.
One of the tools that is extremely beneficial in managing the genetics of captive
populations is in vitro fertilization (IVF). Eggs and sperm can be selectively produced for
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optimized genetic pairings, either by hormonally stimulated gamete production, or by
collecting gametes from naturally reproductively active animals [Browne et al., 2006;
Kouba et al., 2009; Wildt & Wemmer, 1999]. IVF allows underrepresented genetic
lineages to be incorporated into populations than might otherwise be limited in their
genetic recruitment. Frequently, aging animals found in captivity have been
reproductively isolated and unable to contribute to the population gene pool as it
progresses through many generations. Such animals often represent genetic lineages that
have been lost in the population and therefore hold unique gene contributions that can be
incorporated and preserved by IVF breeding strategies. Moreover, animals in populations
separated by distance can have their gametes shipped to numerous breeding sites without
transporting the animal itself. This decreases stress on animals and, with ease of shipment
of multiple gametes, increases the opportunity for multiple breeding attempts and genetic
pairings within a breeding season. Increasing recruitment through multiple pairings of
gametes can alleviate the stress and demand for incorporating genetics from valuable
founder animals [Browne et al., 2006; Wildt & Wemmer, 1999].IVF also increases
breeding success through control of variables such as sperm concentration, which can be
manipulated in order to achieve maximal fertilization [Browne et al., 2006; Kouba et al.,
2009].
IVF is particularly straight forward in amphibians, because most anurans
(frogs/toads), and some caudates (newts/salamanders), undergo extremal fertilization. In
contrast to mammals where surgical procedures may be required to conduct IVF, in
amphibians collection of gametes can be largely done externally and the eggs and sperm
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can be combined in a petri dish [Browne & Zippel, 2007; Browne et al., 2006; Kouba et
al., 2009].
Most caudates undergo internal fertilization, presenting some challenges to the
typical amphibian IVF protocol, but the eggs and sperm are still designed to withstand
the external environment. Caudate sperm is naturally deposited in a “packet” called a
spermatophore, which can be exposed to the environment for hours and even days
without desiccation [Russell et al., 1981; Selmi et al., 1997; Sever & Lynne, 1985].
Caudate eggs, much like anuran eggs, are anamniotic and must be laid in ponds or in
moist locations where they develop exposed to the environment [Duellman & Trueb,
1994; Vitt & Caldwell, 2009].
The sperm to egg ratio is very important to consider when performing an IVF.
While it is intuitive that too dilute of sperm will have low fertility, it is very possible,
particularly in lower vertebrates, that too high of a concentration will have low fertility as
well. In lower vertebrates, including amphibians, polyspermy, where more than one
sperm fertilizes the egg, occurs frequently. Too many sperm fertilizing the egg can lead
to abortion of the fertilized egg. While most vertebrate oocytes have mechanisms to block
polyspermy, lower vertebrates differ somewhat from mammals. The a “fast block” occurs
almost immediately after fertilization in all vertebrates. In the fast block mechanism,
contact of the spermatozoan with the oocyte membrane causes rapid depolarization of the
oocyte. In lower vertebrates, this depolarization occurs much faster than in mammals.
However, the oocyte also repolarizes much faster than mammals, and it has been
determined that many lower vertebrates eggs are easily re-fertilized, especially in the
presence of high sperm concentrations. While polyspermy in lower vertebrates may not
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cause ill effects when only one or two extra spermatozoa have fertilized the egg, if the
sperm count is too high and dozens of sperm have fertilized the egg, the embryo will fail
to develop [Harada et al., 2011; Iwao, 2012; Kouba et al., 2009].
An additional tool that can be utilized in conservation and captive assurance of
endangered species is cryopreservation of gametes. Cryopreserved sperm can be stored
for years in order for use in in vitro fertilization. Genetics of animals senescent or
deceased animals valuable to the population can be utilized for many years after what
would be possible through natural breeding alone. Additionally, with the use of banked
gametes, the ability arises to perform artificial insemination or in vitro fertilization in the
event that natural mating fails.
In this experiment, three concentrations of sperm of the eastern tiger salamander
(Ambystoma tigrinum) were applied to similarly sized clutches of eggs to determine
appropriate concentration of sperm for IVF in salamanders. These concentrations were
paired with an undiluted control of sperm, in order to determine if the dilution media
affected the fertilization rates, and a parthenogenic control, to ensure fertilization did not
occur by chance. Developmental stages of tiger salamander embryos were observed.
Additionally, an experiment in order to determine the effects of thawing frozenstored sperm on fertilization took place. Sperm which had been stored for over a month in
one of two cryoprotective media was thawed at 20ºC and utilized in in vitro fertilization.
Fresh sperm was diluted in the cryoprotective agents and also used in IVF in order to
determine if there were toxic effects or fertility effects of the cryoprotectants.
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Materials and Methods
All protocols for animal care and use were reviewed and approved by the IACUC
at Mississippi State University.
Experimental Animals
Fifteen male and fifteen female eastern tiger salamanders (Ambystoma tigrinum)
were obtained from private breeders via The Memphis Zoo. Males salamanders were
maintained according to protocols described in the methods section 2.2.1 and females
were maintained according to protocols described in the methods section 3.2.1.
IVF trials using frozen-thawed sperm, only five of the fifteen female salamanders
(Ambystoma tigrinum) were utilized. These animals were maintained in conditions
identical to section 4.2.1.
Fresh sperm in vitro fertilization
Collection and evaluation of eggs
Eggs were collected via exogenous hormone induction and assessed for quality
using methods described in Chapter IV. An attempt was made to collect eggs and
separate so that 15-30 eggs, were in each petri dish. Naturally laid eggs were not used for
in vitro fertilization trials; only eggs that were obtained via collection were used.
Collection and evaluation of sperm
For consistency, only milt was used for in vitro fertilization trials.
Milt was collected from male tiger salamanders via exogenous hormone
stimulation via methods discussed in Chapter II. Milt was analyzed for concentration,
motility, and abnormalities using the same methods as discussed in Chapter II, Section
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2.24. As differences in concentrations and motility did not significantly vary across
hormone treatments in males, and specific concentrations were used for IVF treatments,
hormone treatments used for collection of milt in males varied.
Dilution of milt
In order to determine the ideal sperm to egg ratio, milt was diluted to three
specific concentrations prior to application for in vitro fertilization. Initial concentration
was determined and then, based on the initial concentration, diluted down to aliquots of
1x107, 1x106, and 1x105 spermatozoa/mL. An amount of 50µL was placed onto each
grouping of 10 eggs. This amounted to sperm to egg ratios of: 50,000 spermatozoa/ egg,
5,000 spermatozoa/egg, and 500 spermatozoa/egg, respectively.
Milt was diluted in a 10% Holtfreter’s solution (see Chapter II for solution
components). If milt was not used for in vitro fertilization immediately upon dilution, it
was stored at 4ºC for up to 12 hours. After 12 hours, the sperm was potentially still viable
(see Appendix D), however the quality was diminished and it was no longer considered
useful for in vitro fertilization trials.
Application of milt to eggs
Eggs that were collected fresh from the female were used for IVF. Eggs were
collected in groups of approximately 20 per Petri dish (no less than 15, no more than 30).
Once in the Petri dish, milt was pipetted over the eggs at 50µL of milt per 10 eggs. The
milt was allowed to sit on the dry eggs for five minutes. After five minutes had passed,
the eggs in the dish were flooded with dechlorinated, conditioned tap water. The dishes
were moved as little as possible for the first 24 hours after exposing the eggs to the milt.
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Developmental staging of embryos
There is not a standard developmental staging series for tiger salamander
embryos. Stages were numbered as the stages for Ambystoma mexicanum (the Mexican
axolotl) and Ambystoma maculatum (the spotted salamander) [Schreckenberg, 1975 ;
Harrison, 1969]. Fertilization was difficult to determine, so fertilization was determined
when eggs underwent their first cleavage (entered the two cell stage, stage 1). The timing
of the tiger salamander stagers was slightly different from the axolotl stages reported;
however, laboratory conditions, including temperature and humidity, may change the
speed of the developmental process [Bradford, 1990; Horne et al., 1994; Smith et al.,
2015]. Reported here are the stages of the tiger salamanders as they were consistently
seen in the Mississippi State University amphibian laboratory. See figure 5.1 for the key
stages used to mark development in this study and Appendix E for the full staging series.
Frozen-thawed sperm in vitro fertilization
Eggs and sperm were collected and evaluated as in Section 5.2.2.
Freezing sperm
Sperm from 10 of the 15 male salamanders used in the experiment was frozen
after collection in a stock solution of either 10% DMSO or 10% DMSO with 0.5% BSA
following protocols described n Chapter III. Cryoprotective agents were selected based
on results of preliminary trials and the trials discussed in Chapter III.
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Thawing sperm
A single straw was thawed at 20ºC for one of each of the 10 males used for
frozen-thawed IVF. One in vitro fertilization is represented between one male and one
female, with 2 IVF replicates per each of the five females.
Application of milt to sperm
Post thawing, sperm was analyzed for motility and abnormalities as described in
Chapter III. Once analyzed, sperm was deposited onto eggs and IVF took place as
described in Section 5.2.2. Controls of fresh sperm, diluted in each of the two
cryoprotectants, were used to inseminate eggs alongside their frozen counterparts in order
to test for toxic effects of the cryoprotectants on fertilization. A control of fresh sperm,
with no cryoprotective agent, was also utilized to ensure good quality egg fertilization.
Finally, a parthenogenic control was used which was “fertilized” with a Holtfreter’s
solution and observed for parthenogenic activity.
Statistical Analysis
Data was assessed for normality using histogram plots and the Shapiro-Wilk test.
Abnormal data was transformed via a logarithmic transformation.
For fresh sperm IVF, analysis of variance was used to compare effects of the
different levels of concentrated sperm (treatments), effects of individual females used in
IVF, and effects of individual males used in IVF and in in vitro success.
Analysis of variance was also used in frozen-thawed sperm IVF, comparing the
differences in thawed sperm, with each different cryoprotectants, to fresh sperm.

158

Key developmental stages used to mark timing of growth in embryonic Ambystoma tigrinum

For images of all 45 stages and detailed descriptions of stages, see Appendix D
The time shown is the time the stage was first reached. The range of time (in hours) was variable due to temperature in the
laboratory and individual variability.
Figure 5.1 A: No cleavage (0-18 hr)
Figure 5.1 B: Stage 2: 2 cell/first cleavage (5-18 hr)
Figure 5.1 C: Stage 7: Early blastula (18-36 hr)
Figure 5.1 D: Stage 18: Neurula (63-146 hr)
Figure 5.1 E: Stage 24 & 25: Tail bud (68-218 hr)
Figure 5.1 F: Stage 47: Hatched (99-403)

Figure 5.1
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Mean time to key developmental stages of the eastern tiger salamander (Ambystoma tigrinum)

For detailed ranges of time for stages 0-45, see Appendix E. Variability in time seemed to increase at later stages. Much of the
variation in time to specific stages was likely due to variable temperatures during development (temperature data not shown).

Figure 5.2
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Results
Results of the analysis of variance for fresh sperm IVF showed there no
significant differences in percent of blastulas from cleaved eggs, or percent of larvae
hatching between concentrations of sperm or between individual females. The percent of
eggs cleaved was significantly different between sperm concentrations (p=0.02; F=4.3),
with undiluted sperm having the highest amount of cleavage and 1x105 having the lowest
amount of cleavage. There was a significantly different percent of cleaved eggs reaching
neurula (p=0.01; F=3.5), and tailbud (p=0.001; F=5.7) between individual females, which
may have had to do with egg quality.
Time to cleavage post IVF was affected by the individual female (p=0.002;
F=7.3), the concentration of sperm (p=0.003; F=8.3), and the individual male (p=0.0002;
F=12.5) with interaction effects between concertation of sperm and female (p=0.03) and
the individual males and females (p=0.002; F=11.9).
Number of larvae hatched was significantly different according to concentration
of sperm (p=0.006; F=4.7). The 1x106 sperm/mL concentration had significantly more
hatched larvae from cleaved eggs than the 1x107 sperm/mL concentration. The
developmental stages of blastula, neurula, and tailbud were also analyzed for differences
based on sperm concentration, male, and female. Blastulas showed main effects by sperm
concentration (p=0.0005; F=8.8) and female (0.002; F=4.5), with 1x107 sperm/mL having
significantly less blastulas than all other concentrations. Neurulas showed a main effect
by sperm concentration (p=0.0004; F=7.4) and female (p=0.004; F=3.9), with more
neurulas occurring from undiluted sperm than from 1x105 sperm/mL or 1x106 sperm/mL.
Tailbuds showed a main effect by both sperm concentration (p=0.02; F=3.3) and female
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(p=0.006; F=3.7) with both 1x106 sperm/mL and undiluted sperm having more tailbud
from cleaved eggs than 1x107 sperm/mL (see Table 5.2).
The overall main effects on time to cleavage, fertilization, and developmental
stages were statistically significant for concentration of sperm (Wilk’s Λ p=0.06),
individual female (Wilk’s Λ p= 0.02), and individual male (Wilk’s Λ p = 0.003). The
overall male and female interaction effect was significant (Wilk’s Λ p=0.03). However,
the overall interaction between concentration of sperm and female (Wilk’s Λ p=0.5) was
not significant.
For the IVF using frozen-thawed sperm, there was a slight significant difference
in the number of eggs cleaved (p=0.05, F=2.5). The eggs treated with of 5% DMSO and
5% DMSO with 0.5% BSA did not show significantly different cleavage rates than the
control fresh sperm. The control fresh sperm that was diluted with 5% DMSO and 0.5%
BSA had significantly higher cleavage than all other treatments except the control, but
there were no significant difference in cleavage between any of the other treatments (See
table 5.10). There was no significant difference in the time it took for the embryos to
cleave between any of the treatments. There was no significant difference between
treatment groups in the percent of embryos reaching the blastula stage (stage 7) or the
neurula stage (stage 18; see Table 5.10). As for the tailbud stage (stage 24-25), there was
an overall significant difference in number of embryos reaching this stage between IVF
groups (p=0.02, F=3.12). Significantly more control embryos reached the tailbud stage
than embryos fertilized with either fresh sperm or thawed sperm in 5% DMSO and 0.5%
BSA. Significantly more embryos fertilized with fresh sperm and thawed sperm in 5%
DMSO reached tailbud stage than embryos fertilized with thawed sperm in 5% DMSO
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and 0.5% BSA (see Table 5.10). There was an overall significant difference in the
number of eggs hatched (p=0.01, F=3.7). In the control group, significantly more animals
successfully hatched than in the fresh or thawed sperm treated with 5% DMSO and 0.5%
BSA or the thawed sperm treated with 5% DMSO alone. There was no significant
difference in the percent of animals hatching in either the fresh 5% DMSO or the fresh or
thawed 5% DMSO with 0.5% BSA groups. The thawed sperm treated with 5% DMSO
alone hatch a significantly lower percent of animals than all other groups (see table 5.10).
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258
247
233
224

1,000,000*

10,000,000*

Undiluted**

Parthenogenic
Control+

0.0 d

10.4 ± 1.1 a

7.7 ± 1.1 c

7.9 ± 0.8 bc

10.5 ± 0.8 ab

Time to
cleavage
(hr)

0.0 c

42.1 ± 6.1 a

26.9 ± 6.5 b

28.8 ± 5.7 b

6.9 ± 1.6 c

Cleavage
from eggs
laid (%)

0.0 c

95.2 ± 3.0 a

54.0 ± 6.0 b

79.2 ± 9.3 a

88.5 ± 10.3 a

Blastula † (%)

0.0 c

85.9 ± 4.9 a

77.5 ± 13.2 ab

63.5 ± 10.0 b

53.8 ± 17.1 b

Neurula †
(%)

0.0 c

61.5 ± 11.6 a

5.4 ± 1.5 b

50.8 ± 9.7 a

37.1 ± 15.4 ab

Tailbud †
(%)

Means ± SEM shown in table
abc
Values within the same column that have different letter superscripts are significantly different (p<0.05)
*Specific concentrations were fresh milt diluted in a Holtfreter’s solution
** The undiluted control was non-diluted fresh milt; this milt ranged in concentrations between 1 x 106 - 9.3 x 107
+ Parthenogenic control consisted of eggs that were treated with PBS alone
†
Blastula, neurula, tail bud, and hatched are all expressed as a percent of the number of cleaved eggs
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100,000*

Total Egg
Number

Effects of sperm concentration on fertilization and embryo development

Concentration
(spermatozoa/mL)

Table 5.1
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0.0 c

42.2 ± 12.6 ab

5.0 ± 1.5 bc

46.9 ± 8.8 a

31.6 ± 14.5 abc

Hatched
larvae † (%)

Parthenogenic

0

30.4 ± 4.8

No CPA

9.4 ± 2.1*

Thawed
50.4 ± 3.8

59.0 ± 4.4

Fresh

Fresh

7.0 ± 2.3*

Thawed

0

11.1 ± 2.2

25.4 ± 4.5

1.3 ± 0.7*

28.5 ± 3.9

0.7 ± 0.5*

% Motility
Total
Progressi
ve

287

284

267

256

253

258

Total
Egg #

-

6.2 ± 1.1

9.5 ± 3.0

8.4 ± 1.4

5.0 ± 1.7

6.2 ± 1.8

Time to
cleavage
(hr)

-

26.8 ± 5.4 ab

47.4 ± 7.7 b

25.0 ± 5.7 a

25.1 ± 5.1 a

16.0 ± 6.4 a

Cleavage
from eggs
laid (%)

-

94.9 ± 3.1

77.0 ± 9.8

82.8 ± 7.2

84.3 ± 6.7

92.2 ± 7.8

Blastula †
(%)

-

75.9 ± 9.0

67.3 ± 11.6

58.1 ± 9.8

76.0 ± 8.0

81.6 ± 11.9

Neurula †
(%)

-

70.3 ± 8.0 a

51.3 ± 12.5 bc

37.0 ± 10.2 c

59.3 ± 16.3 ab

51.5 ± 24.3 ab

Tailbud † (%)

-

67.5 ± 7.1 c

45.5 ± 12.5 b

33.6 ± 22.3 b

57.3 ± 15.8 bc

5.9 ± 1.0 a

Hatched
larvae † (%)

Effects of thawed sperm vs. fresh sperm, comparing two different cryoprotectants, on fertilization and embryo
development

: Values with different superscripts within a column are significantly different from one another
Controls with cryoprotectants were fresh sperm diluted to 2,000,000 spermatozoa/mL and then diluted 1:1 with cryoprotectant
*Post-thaw motility of frozen sperm
Non-progressive motility not shown
†
Blastula, neurula, tail bud, and hatched are all expressed as a percent of the number of cleaved eggs

ab

CPA

Table 5.2

5% DMSO

5% DMSO +
0.5% BSA

Controls
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Discussion
Of the three different concentrations used for IVF that were diluted in Holtfreter’s
solution, the 1 x 106 concentration had the highest cleavage and the highest number of
larvae hatched from eggs cleaved. However, fertilization rates were fairly low, even
within the non-diluted control group (42.1 ± 6.1%). It is possible to attribute the low
fertilization rates within the diluted groups to the Holtfreter’s dilution medium and
inappropriate osmolality and metabolic environment for the sperm. Osmotic parameters
for salamander sperm are unknown. A study by Hardy and Dent from 1896 shows that
hypoosmotic solutions may activate salamander sperm, although sperm are active in
isotonic and hypertonic solutions and sperm remain active for the longest amount of time
in isotonic solutions. Conflicting reports suggest that there is not a connection between
osmolality and sperm activity [Siegel, Personal Comm 2012; Marcec, Unpublished data].
Because the 1 x 106 sperm/mL and the 1 x 107 sperm/mL treatments had significantly
lower cleavage than the undiluted control, the 10% Holtfreter’s medium played a role in
the lower fertilization rates of the treatments. Holtfreter’s solution is a salt medium (see
Chapter II, Section 2.2.4) that has an approximately isotonic osmolality (267 mOsm).
This solution is commonly used in the raising of Ambystomids in captivity [Gresens,
2004].
The concentration that had the highest success was not the highest concentration.
The 1x107 concentration likely had lower success than the 1x106 concentration due to
polyspermy, or the incident of multiple sperm fertilizing an egg. While amphibians
undergo a fast and a slow block, much like mammals, to prevent polyspermy, the
occurrence of polyspermy occurs much more frequently in amphibians. The primary
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difference in amphibians that allows for increased polyspermy lies in the fast block
mechanism. The fast block is activated almost immediately after fertilization as contact
of the spermatozoa with the oocyte membrane results in rapid depolarization of the
oocyte. In amphibians and other lower vertebrates, depolarization occurs much faster
than in mammals. This following repolarization of the egg also comes much faster than in
mammals. It has been determined that, due to the rapid repolarization of the egg, many
lower vertebrates can be re-fertilized much sooner than mammals. [Iwao, 2012; Harada et
al, 2011; Toro & Michael, 2004]. In this study, often multiple fertilization sites could be
seen prior to cleavage and, in these eggs, asymmetrical cleavage was noted followed by
egg death.
The methods used for IVF were based off methods utilized in externally
fertilizing frogs [Browne et al, 2006; Calatayud et al, 2015; Calatayud et al, 2016; Kouba
et al, 2009]. The majority of salamanders are internally fertilizing [Sever-1, 1991; Sever2, 1991; Sever & Brizzi 1998; Sever & Lynne, 1985] and thus may require a different
process that that used n externally fertilizing frogs for optimal in vitro fertilization. There
are reports of artificial insemination in caudates [Mansour et al, 2011; Osikowski, 2007;
Trottier & Armstrong, 1975 ; Watanabe et al, 2007] and this has been a successful
method used in the salamander laboratory at Mississippi State University [Marcec,
Unpublished data]. In these attempts, timing of the deposition of the sperm into the
cloaca was crucial in order to see fertilization. Exact timing for ideal fertilization in
artificial insemination of Ambystoma tigrinum has yet to be determined. Both
spermatophores and milt have been used in different species of internally fertilizing
salamanders for artificial insemination, and spermatophores have proven more successful
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in this method [Osikowski, 2007]. It is suggested that the gel and proteins in the
spermatophore are needed to react with the enzymes in the cloaca for appropriate sperm
activation and fertilization [Osikowski, 2007; Sever-1, 1991; Sever-2, 1991; Sever &
Brizzi, 1998]. However, artificial insemination attempts have proven less successful than
IVF. Thus, IVF is still a promising technology and with further study may be improved.
Some of the possible causes of low fertility in IVF in internally fertilizing salamanders
could be attributed to the osmolality and the environment the sperm is placed in, as
mentioned above. Indeed, very little is known or understood about the activation and
ideal environment for caudate spermatozoa. The internal environment of the cloaca is
often attributed to the activation and natural processes of sperm [Sever-1, 1991; Sever-2,
1991; Sever & Brizzi 1998; Sever & Lynne, 1985; Siegel et al, 2012], but this natural
process, and thus natural success, has yet to be replicated to the fullest in artificial
breeding of internally fertilizing caudates.
While using IVF techniques with milt in internally fertilizing salamanders may be
unnatural processes, they is also highly practical. Milt is an effective media for
assessment of sperm parameters, as it is in liquid form and can be easily diluted or
concentrated as necessary. The gel that is present in spermatophores which is necessary
for internal fertilization is not present in milt, making milt much easier to view clearly
under the microscope. Spermatophores can be assessed, but they must be physically
broken down into a solution which can cause excessive damage to sperm. The use of IVF
is ideal for preventing transfer of disease between animals. In artificial insemination,
sperm must be directly placed into the cloaca of a salamander. The spermatophore or milt
may be a vector for diseases such as Batrachocytrium spp. or iridoviruses, which have
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been causing large declines in amphibians globally. Many animals are carriers of these
diseases without showing symptoms. While some of these diseases, such as
Batrachochytrium spp, can be tested for carrier status, others, such as most iridoviruses,
do not have tests for carrier status. While it is still unclear if diseases of concern in
salamanders can be transferred through gametes, milt can be collected and tested for
diseases prior to deposition over eggs for IVF. IVF requires less handling of multiple
animals and no direct contact of body fluids between animals and overall poses less risk
for transmission of disease.
These data suggest both the male and the female are critical to the success of the
IVF. This is intuitive, but it does remind one to observe the quality of the eggs involved
in the procedure. The male had an effect on the time to fertilization and the stages of
development, but not the number of larvae hatched. While it is likely both variables are
important to each of these stages and significance was not found due to low numbers of
animals, the results suggest that both quality of eggs and quality of sperm are equally
important to the production of larvae.
In the trials utilizing the CPA in the fresh sperm, the fresh sperm diluted in the
5%DMSO and 5% BSA had higher cleavage than the control sperm, which was not
anticipated. This may suggest that this CPA provides beneficial protection to live sperm
that does not undergo a freezing process. BSA has been known to increase motility and
viability of sperm in mammals [Harrison et al, 1982; Johnson et al, 2000], and a similar
effect may have occurred in this study as the fresh sperm in the 5% DMSO without BSA
had a cleavage rate that was not higher than the control sperm. When assessing the
frozen sperm compared to the fresh sperm, the number of hatched larvae from cleaved
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eggs from frozen sperm was lower than that of fresh sperm. Because there was no
significant difference in cleavage rates (with the exception of the fresh sperm in 5%
DMSO and 5% BSA) between the fresh and frozen sperm, this suggests there is some
damage to the DNA or there is some delay caused in development that results in embryos
that cannot fully develop to hatching. The opposite of this phemononon is see in trout,
where frozen-thawed sperm with damaged DNA has fertilization rates that are
significantly lower than those of fresh, normal sperm with hatching rates that are similar
to those of fresh sperm [Lewis & Aitken, 2005]. In humans, the pattern is similar to that
seen in salamanders, where sperm with damaged DNA will still have similar fertilization
rates, but abortion is far more common and embryos do not reach term as often as those
of fresh sperm [Borini et al, 2006; Labbe et al, 2001].
The developmental staging of the eastern tiger salamander were fairly similarly to
those reported in other Ambystomids, falling between the timing of A. maculatum and A.
mexicanum. The range of time on either end of each stage was drastically larger than
reported in other Ambystomid studies. This was likely attributed to having performed
IVF throughout different seasons and fluctuating temperatures. Numbering the stages the
same as reported by Shreckenberg and by Harrison was appropriate for the development
of the animals.
Attempts were made at IVF in the regionally endangered blue spotted salamander
(Ambystoma laterale). Attempts were made using both fresh sperm from A. laterale and
frozen-thawed sperm from A. tigrinum. As this is a species that naturally undergoes
kleptogenesis, which is a method of stealing sperm to activate a parthenogenesis-like
reaction in the egg [Bogart et al, 2009], the use of sperm from A. tigrinum was a plausible
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method of fertilization. Fertilization was achieved, but no embryos survived passed the
neurula stage. The lack of survival was attributed to egg quality, not to the method of
IVF; however, replicates of the study will be necessary in order to determine if the
method is functional in A. laterale. Because fertilization was achieved, this is
encouraging that protocols developed for IVF in A. tigrinum may be applicable to
endangered target species (see Appendix F for blue spotted salamander data).
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CHAPTER VI
METHODS FOR SEXING TIGER SALAMANDERS (AMBYSTOMA
TIGRINUM) AND BLUE SPOTTED SALAMANDERS
(AMBYSTOMA LATERALE)
Introduction
Caudates are currently experiencing the fastest extinction rates of all vertebrate
taxa [Baillie et al., 2004; Gascon et al., 2005]. As such, a worldwide effort to address the
population crisis by generate captive assurance colonies is underway. The goal of these
colonies is not only to facilitate reproduction, but to also maintain genetic integrity within
these populations, and reintroduce offspring into the wild [Clulow et al., 2014; Gascon et
al., 2005; Griffiths & Pavajeau, 2008; Kouba et al., 2009]. The success of the captive
assurance colonies depends on knowing the sex of the animals in these breeding
programs and in remaining wild populations. Without knowing the true sex of animals,
groups may be housed inappropriately, irrelevant breeding attempts may be made, and
time and effort may be put into obtaining gametes from a wrongfully sexed animal
[Clulow et al., 2014; Germano et al., 2011; Kouba et al., 2009]. While sexing an animal
may seem an obvious and simplistic goal, knowledge of the sex of an amphibian is not
always easily obtained. Amphibians lack external genitalia and many species fail to
exhibit dimorphic characteristics [Duellman & Trueb, 1994; Vitt & Caldwell, 2009].
Accurate, efficient, non-invasive methods for sexing amphibians need to be developed,
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particularly for field applications in which animals must be captured and released
[Ollivier & Welsh, 2003; Romano et al., 2009].
Mississippi State University houses eastern tiger salamanders (Ambystoma
tigrinum), which are used as model species for the development of assisted reproductive
technologies for other rare and endangered caudate amphibian species. The blue spotted
salamander (Ambystoma laterale) is an endangered species which has been a beneficiary
of the reproductive technology developments made using the tiger salamander. A captive
colony of blue spotted salamanders was founded by the Iowa Department of Natural
Resources and Omaha’s Henry Doorly Zoo and Aquarium (OHDZ) in 2007, with the
purpose of breeding A. laterale in captivity for reintroduction to a now barren breeding
site of the salamander.
Both Ambtystoma tigrinum and Ambystoma laterale are considered seasonally
dimorphic, in that during the breeding season the males will develop cloacal papillae at
the caudal base of the cloaca (see Figure 5.1). The expression of these seasonal papillae is
found across many salamander families, including Salamandridae, Plethodontidae,
Ambystomidae, and Proteidae [Sever, 1992]. These papillae are used as an indicator of
the sex of caudate amphibians. Sexual size dimorphism (SSD) is an additional method
that is commonly cited as an approach to sexing salamanders and newts [Bakkegard &
Guyer, 2004; Bruce, 1993; Raymond & Hardy, 1990; Todd & Davis, 2007]. Females are
often noted to be the larger sex in SSD, as is frequently the case with other amphibians,
reptiles, and fish [Cox et al., 2007; Parker, 1992; Shine, 1979]. The hypothesis is that the
sex does not cause a difference in size, but rather that size causes a difference in sex and
is determined by lax sex determination genes [Shine, 1979]. As such, morphometric
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measurements of cloacal length, mass, snout vent length (SVL), tail length, head width,
head length, and body width have all been reported as methods for determining sex in
salamanders [Alcorn et al., 2013; Bakkegard & Guyer, 2004: Bruce, 1993; Hasumi, 2010;
Raymond & Hardy, 1990; Todd & Davis, 2007; Williams et al., 2009].
Ultrasound is a quick, non-invasive procedure that can assist in determining sex
of individual amphibians [Miller & Fowler, 2012; Li et al., 2010]. Ultrasound, like taking
morphometric data, requires minimal handling and manipulation of animals. Moreover,
portable ultrasound equipment is readily available and can be used to sex amphibians in
field studies. Unlike morphometric data, ultrasound permits visualization of the sexual
organs, and in females, follicular development can be directly followed as well [Kouba &
Vance, 2009; Reyer & Battig, 2004; Roth & Obringer, 2009]. However, ultrasound may
require specialized training, while collection of morphometric data does not require
training beyond handling of animals.
Other methods of sexing include collection of urine or feces for hormone analysis,
hormone induced gamete production, or endoscopic surgery [Kouba & Vance, 2009;
Kramer et al., 1983; Roth & Obringer, 2009]. While urine or fecal analysis is noninvasive and practical in a laboratory or captive setting, it is more time consuming and is
not as practical when assessing wild populations that must be captured and released for
collections and identification. Endoscopic surgery is likely more accurate than other
methods, but is invasive and poses a high risk for amphibians under anesthesia, especially
when considering endangered species. Endoscopy is also not readily field applicable
[Kouba & Vance, 2009; Roth & Obringer, 2009].
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In this study, eight male and eight female Ambystoma tigrinum, and six male and
five female Ambystoma laterale were sexed via morphometric methods and ultrasound.
Sex was confirmed via injection with hormones and resulting production of sperm or
eggs.
Materials and Methods
Experimental Animals
All protocols for animal care and use were reviewed and approved by the IACUC
at Mississippi State University.
Sixteen eastern tiger salamanders (Ambystoma tigrinum) were used in this study
(eight males and eight females). These animals were obtained from private breeders via
The Memphis Zoo and were maintained at Mississippi State University in conditions
identical to section 2.2.1 and 3.2.1.
Eleven blue spotted salamanders (Ambystoma laterale), owned by the Iowa
Department of Natural Resources and maintained by OHDZ were used in this study (six
males and five females). The animals had been retrieved from the wild as larvae and
raised over the course of seven years in captivity by the staff at OHDZ. All eleven
animals were housed in a Waterland small tub enclosure (Waterland Tubs, Santa Ana
CA, USA) measuring 139.70 cm x 63.5 cm x 30.48 cm. The enclosure was filled with
organic soil, natural leaf litter, pieces of damp sheet moss, and terra cotta pot pieces for
hiding. Animals were fed a variety of small worms, crickets and flies on a daily basis.
Seasonally, a portion of the Waterland tub would be filled with reverse osmosis purified
water that was then filtered through a system with biological, chemical and mechanical
filtration before being chilled to the appropriate seasonal temperature.
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Morphometric data
All visual assessments and measurements were done by the same individual for
consistency. Animals were held so their ventrum faced the investigator. The caudal base
of the cloaca was assessed for the presence of papillae and presence was recorded as
“yes” or “no.” The cloacal length, width, and height was then measured in millimeters
using calipers. Height of the cloaca was measured as the amount of swelling of the
cloaca, from the base of the tail ventrally. Each animal’s head length, head width (across
the line of the eyes), body width (across the widest part of the abdomen), SVL, and tail
length were also measured with calipers (mm). Calipers were cleaned with ethanol
between animals that were not cohabitating.

Figure 6.1

Male papillae in an eastern tiger salamander (A. tigrinum)

The blue arrow points to the papillae at the caudal base of the cloaca. The swollen cloaca
extends over the cranial base of the tail; the protrusions that extend over the cranial tail
are the papillae.
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Ultrasound
A Sonosite Micromaxx ultrasound machine, equipped with an HFL38x model (613 MHz) 38mm linear transducer, was used for performing ultrasounds. The frequency
was set on the general setting, the depth was at 2.7cm, and the gain was adjusted as
needed for all animals of all species. All ultrasounds were performed by the same
individual who was trained in ultrasonography. For a more detailed description of the
ultrasound procedure, see Appendix B.
Both species were held in the palm of the investigator’s hand, in dorsal
recumbency, for ultrasound. The animal’s ventrum was wetted thoroughly with
dechlorinated and conditioned tap water or reverse osmosis water for use as a conductor.
The transducer was laid transversely across the thickest part of the animal’s abdomen in
order to examine for ovaries in females and over the pelvic area in order to examine for
the thickened collecting ducts entering the cloaca in males.
The male ducts are usually seen in transverse cross-section, so will appear as
intensely hypoecoic circles surrounded by a thickened hyperechoic membrane (Figure
5.2A; Figure 5.3A; Figure 5.4D). The thickness of the membrane and the diameter of the
ducts will vary, dependent on reproductive activity. Females were identified by observing
ovaries within the coelomic cavity. Ovaries of tiger salamanders and blue spotted
salamanders were identified by hyperechoic (light), defined, round oocytes. The smaller
oocytes were densely packed, with little to no hypoechoic (dark) area between them. The
larger oocytes had large, evenly spaced regions of hypoechogenicity between them. The
layman description that was used to describe ovaries in training sessions was that the
oocytes appeared as “stars in a dark night sky” (Figure 5.2 B, Figure 5.3 B).
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Figure 6.2

Ultrasound Sex Identification of Tiger Salamanders (A. tigrinum)

6.2 A: Ultrasound image of a male tiger salamander’s pelvic region. The orientation of
this image is such that the animal’s dorsum is facing the top of the figure and the
animal’s ventrum is facing the bottom. Within the orange box, the hypoechoic (dark)
pattern that can be identified is the mesonephric ducts entering the cloaca. 6.2 B:
Ultrasound image of a female tiger salamander’s coelomic cavity. The orientation of this
image is opposite of that in 6.2 A- the ventrum of the animal is facing the top of the
figure and the dorsum of the animal is facing the bottom. The hyperechoic (light) specks
across the screen are the oocytes. Note that both of her ovaries are developed. In some
cases only one ovary may be developed or one ovary may be at a different stage of
development than the other.

Figure 6.3

Ultrasound sex identification of blue spotted salamanders (A. laterale)

6.3 A: Ultrasound image of a male blue spotted salamander. Within the orange box, the
hypoechoic pattern that can be identified corresponds to the mesonephric ducts entering
the kidney. 6.2 B: Ultrasound image of a female tiger salamander’s coelomic cavity. The
hyperechoic specks across the screen are the oocytes. Note both of her ovaries are
developed. Both images 6.3 A-B are oriented the same way: the ventrum of the animal is
facing the top of the figure and the dorsum of the animal is facing the bottom of the
figure.
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Statistical Methods
A multivariate analysis of variance (MANOVA) was used to determine if
morphometric measurements could distinguish between the sexes within each species. A
Fisher’s Exact test was used to determine the reliability of the method in sexing the
animal compared to the exact sexing method in which hormone induced gamete
production. All significance was determined by a p-value of <0.05 unless otherwise
stated. Standard error is reported along with results where appropriate.
Results
Both species shared significant differences between sexes for measurements of
tail length, body width, cloacal length, and the binary variable of presence of papillae.
For tail length and cloacal length, males of both species were significantly larger than
females. As for body width, A. laterale, females were larger (p < 0.05) than males, but A
tigrinum males were larger (p < 0.05) than females. Papillae expression was found in
males of both species more frequently than females.
Other general morphometric parameters such as SVL, head length and weight
were significantly different between the sexes only in A. laterale, but not in A. tigrinum.
Female A. laterale were larger than male A. laterale in both dimensional measurements
and in overall weight By contrast, the structural characteristics of the cloaca were more
pronounced and differentiated the sexes in A. tigrinum but did not contribute to sexing A.
laterale. Specifically, cloacal width and height were both smaller (p < 0.05) in the
female, Table 5.2.
Table 5.3 lists the mean value for each morphometric parameter for each sex and
within each species. , A mean value of each morphometric measurement was determined
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for each sex within a species, Table 5.3. Based on this mean, an animal was considered a
male if it fell directionally to the male side of the measurement (i.e. cloacal length
average for A. tigrinum was 7.9 ± 0.6 mm; animals with a cloaca measuring longer than
7.9 mm were considered males, animals whose cloacal length were shorter than 7.9 mm
were considered females). The mean and variation of each significant morphometric
parameter for each sex are shown in Figures 5.4 and 5.5 for A. tigrinum and A. laterale,
respectively.
The reliability of the morphometric data in sex determination was calculated as
the number of animals that fell into the correct sex category compared to the true sex of
the animals, determined by hormone induced gamete production. Morphometric data is
often generalized to all species for sex determination, and Table 5.4 demonstrates that the
most reliable indicator of sexing in either species is cloacal length, where 100% of
females and > 90% of males are accurately identified. Table 5.4 shows the accuracy of
each morphometric measurement in predicting the sex of the animal, represented as a
percent correct prediction. Results of Fisher’s exact analysis showed that the method to
determine animal sex was similar to hormone induced gamete production within a species
for males (A. tigrinum p = 0.56; A. laterale p = 0.45) and females (A. tigrinum p = 0.47;
A. laterale p = 1.0). However, as an overall method for sex discrimination for combined
species data, the morphometric data gave much poorer accuracy in identifying males (p =
0.04), while females were still reliably identifiable (p < 1.0) using either ultrasound or
morphometric analysis.
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20.5 ± 0.7
39.6 ± 2.6
22.6 ± 1.0
18.3 ± 2.0
10.6 ± 0.8
9.1 ± 0.5
4.1 ± 0.4
63.6 ± 15.2

Tail Length (mm)

Body Width (mm)

Weight (g)

Head Length (mm)

Head Width (mm)

Cloacal length (mm)

Cloacal width (mm)

Cloacal Height (mm)

Presence of Papillae (%)

23.1 ± 12.2

2.3 ± 0.2

6.5 ± 0.3

5.6 ± 0.2

16.9 ± 0.5

21.1 ± 0.5

37.3 ± 1.7

18.4 ± 0.6

83.1 ± 1.3

Results of linear regression analysis shown for each species
*
Indicates significance (p < 0.05)

91.9 ± 4.1

SVL (mm)

Female
(N=8)
100.5 ± 2.4

A.tigrinum

0.01*

<0.0001*

<0.0001*

<0.0001*

0.3

0.3

0.5

0.01*

0.05*

0.7

p

100.00

1.8 ± 0.2

4.1 ± 0.1

7.0 ± 0.1

8.2 ± 0.4

10.1 ± 0.4

8.0 ± 0.5

8.2 ± 0.5

60.8 ± 1.0

60.0 ± 24.5

1.9 ± 0.1

4.3 ± 0.5

4.8 ± 0.4

8.6 ± 0.3

11.1 ± 0.1

9.6 ± 0.3

10.0 ± 0.2

57.5 ± 0.9

A. laterale
Male
Female
(N=6)
(N=5)
62.6 ± 0.8
69.1 ± 1.1

0.05*

0.1

0.5

0.0001*

0.4

0.04*

0.02*

0.02*

0.03*

0.0006*

P

Differences in morphometric characteristics between sexes of Ambystoma tigrinum, and Ambystoma laterale
Male
(N=8)
102.1 ± 2.4

Table 6.1
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ab

100.0 ± 0.0 a

Hormone Confirmation

100.0 ± 0.0 a

100.0 ± 0.0 a
100.0 ± 0.0 a

100.0 ± 0.0 a

83.3 ± 16.7 a

N=6

Male

100.0 ± 0.0 a

100.0 ± 0.0 a

80.0 ± 0.0 a

N=8

Female

Ambystoma laterale

100.0 ± 0.0 a

94.1 ± 5.9 a

76.5 ± 6.0 b

N=14

Male

100 a

100 a

77.8 ± 3.9 b

N=16

Female

Both Species

: Values with different letter superscripts within a column are significantly different from one another (p<0.05)

91.1 ± 9.1 a

Ultrasound

76.9 ± 12.2 a

N=8

N=8
73.0 ± 14.1a

Female

Male

Ambystoma tigrinum

Percent of correct classification of sex for morphometric measurements and ultrasound against the hormone
confirmation control

Morphometric Measurements

Table 6.2
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Figure 6.4

Box plots of significant differences in morphometric measurements
between males and females of A. tigrinum

(A) cloacal width); (B) cloacal length; (C) cloacal height; (D) body width; and (E) tail
length
*Black dots signify outliers
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Figure 6.5

Box plots of significant differences in morphometric measurements
between males and females of A. laterale

(A) cloacal length; (B) body width; (C) tail length; (D) weight; (E) head length; and (F)
SVL
Discussion
Sexing animals using morphometric parameters has been a common practice for
years, yet other methodologies such as ultrasound and hormone induced gamete
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production are expected to more be accurate, although these approaches require more
sophisticated equipment and training and are can be more invasive. Here we examined
the differences in the overall reliability of these methodologies to determine animal sexes
in two caudate species, the common eastern tiger salamander and the regionally
endangered blue spotted salamander. Although hormone induced gamete production of
sperm or eggs gives definitive sexual identification of an animal, this procedure is ideally
reserved for the end goal of obtaining gametes for assisted reproduction, rather than as a
screening method for initially determining animal sex. This is especially true for species
which exhibit a single reproductive event per year, as inducing gametes for sexing
purposes interferes with the possibility of successful managed breeding. Therefore,
developing and measuring the reliability of alternative, non-invasive sexing
methodologies is paramount to optimizing successful breeding attempts through animal
pairing, gamete development, gamete synchronization and overall assisted reproductive
efforts.
Most caudates do not have dimorphic qualities such as the nuptial pads that
develop in many anuran species and the papillae, which are a weak dimorphic
characteristic in many species of salamander [Sever, 1992], are either sometimes present
in females or mistakenly identified in a swollen female cloaca. Thus, visually sexing
caudates may rely on taking other measurements, which can be variable based on many
environmental factors including age, diet, and annual rainfall [Adams & Rolf, 2000;
Blouin & Brown, 2000; Sotiropoulos et al, 2008; Walls et al 1, 1993; Walls et al 2, 1993].
This makes morphometric measurements understandably variable.
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Overall, sexing an animal using ultrasound or morphometric parameters produced
similarly reliable results within each species. The accuracy of the parameters when
sexing animals correctly for both species showed morphometric sexing was generally
lower than ultrasound sexing by about 20% in males and up to 13% in females. Although
this trend was observed from the current data, it is not significant in either single species
with the limited numbers of animals which data was collected on, although a larger
sampling of animals across species may yet yield significant differences in the two
techniques. As such, the trade off in accuracy for animal sexing using easily obtained
morphometric data may be reliable enough for breeding attempts where an ultrasound
system and expertise in its use is not readily available. However, ultrasound sexing was
nearly as accurate as hormone induced gamete production, especially in females from
both species, and in over 90% of males.
Whereas the combined morphometric data yielded similar accuracy to ultrasound
and gamete production in sex determination of salamanders, the individual morphometric
parameters did not. The only morphometric characteristic that gave consistently good
results in sexing animals in either species was cloacal length. The other parameters
typically relied on for sexing animals are tail length, body width, and presence of
papillae, were inconsistent in the classification of males and females. Parameters like
weight, cloacal width, and cloacal height were highly accurate in one species or the other
but not in both species simultaneously. Although, it is beneficial to have sexual
dimorphism within a species, specific parameters that differentiate sexes are not
generalizable across the genera.
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Two of the morphometric measurements were consistent in their directional
significance between males and females across species. These measurements were tail
length (males > females) and cloacal length (males > females). Relying on consistent
features to sex animals over multiple species is both more efficient and empirical than
using multiple and inconsistent methods. On average, A. tigrinum males had
measurements with values that were greater than those of females. This was consistent
with previous reports of cloacal measurements and tail length in Ambystomids, but was
contrary to reports of body width [Shine, 1979; Todd & Davis, 2007]. It is normally
expected that female caudates will be wider than males, as they will either be gravid and
filled with eggs or will be storing fat in order to begin producing eggs [Duellman &
Trueb, 1994;Vitt & Caldwell, 2009]. It is possible that the contrary finding of females
thinner than males was a result of the body width in this group of A. tigrinum was
artificially altered due to the females having been repeatedly induced to oviposit for
experimental purposes. In the event that this caused altered results, these females would
have been thinner than expected. Head width was not significantly different for either A.
laterale or A. tigrinum.
Ultrasound was an efficient and accurate method to determine sex in Ambystomid
salamanders , and for trained personnel ultrasound was subjectively easier to perform
than morphometric measurements. Because the animal was only restrained for
approximately one minute for ultrasound, it was likely less stressful than morphometric
measurements which on average required handling the animal for close to three minutes
However, the sex of an amphibian can be very difficult to determine, even by ultrasound,
if it is not a gravid female because non-gravid females can be interpreted as males when
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no eggs are present. Furthermore, amphibian male organs are extremely difficult to detect
on ultrasound because they are small and lacking fluid filled features such as eggs,
making sex determination difficult even for the trained sonographer.
Of the two methods utilized for sexing in this study, both appeared to be suitably
accurate and efficient for the sexing of Ambystomid salamanders for certain situations.
While ultrasound may be more accurate in given circumstances, it is a more expensive
tool that requires additional training to perform. Multiple morphometric measurements,
used individually and in combination were found to be as accurate as ultrasound in
determining animal sex in these two species and are comparable to gamete production by
hormone induction
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PRELIMINARY TRIALS FOR INDUCTION OF SPERMIATION IN TIGER
SALAMANDERS (AMBYSTOMA TIGRINUM) USING
EXOGENOUS HORMONES
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Materials and Methods
Preliminary hormone trials were conducted for induction of spermiation in male
eastern tiger salamanders. Twenty treatments were designed (see table A.1) based on
previous studies in anurans and caudates. Five animals were treated with each hormone
protocol and sperm was collected and assessed using methods described in Chapter II.
From the results of these experiments, treatments were selected for further study;
treatments selected, with their component parts, are discussed in Chapter II.
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Table A.1

Preliminary 20 hormone treatments for induction of spermiation in male
eastern tiger salamanders
Hormone
hCG

LHRH

Combination

Code
H1
H2

Treatment
100 IU hCG
200 IU hCG

H3
H5

300 IU hCG
500 IU hCG

PH

Prime* 150 IU hCG
Dose** 500 IU hCG

L1
L2

0.025 µg/g LHRH
0.05 µg/g LHRH

L3

0.1 µg/g LHRH

L4
L5

0.25 µg/g LHRH
0.5 µg/g LHRH

PL1

Prime* 0.025 µg/g LHRH
Dose** 0.1 µg/g LHRH

PL2

Prime* 0.05 µg/g LHRH
Dose** 0.25 µg/g LHRH

PL3

Prime* 0.05 µg/g LHRH
Dose**0.1 µg/g LHRH

PL4

Prime* 0.1 µg/g LHRH
Dose** 0.25 µg/g LHRH

C1
C2
C3

100 IU hCG + 0.05 µg/g LHRH
200 IU hCG + 0.025 µg/g LHRH
100 IU hCG + 0.025 µg/g LHRH

C4
PC1

200 IU hCG + 0.05 µg/g LHRH
Prime* 100 IU hCG
Dose ** 0.05 µg/g LHRH

PC2

Prime* 200 IU hCG
Dose** 0.025 µg/g LHRH

* Prime (priming dose) is given 24 hours prior to the dose (spermiation dose)
**Dose (spermiation dose) is given 24 hours following the prime (priming dose)
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Table A.2

Percent animals responding to respective hormone treatments in
preliminary trials via milt, spermatophores, or both
% Animals
producing
milt*

% Animals
producing
spermatophores**

% Animals
producing milt and
spermatophores

H1
H2

Animals
responding to
treatment
(n = 5)
60+
60+

16.7
100

100
16.7

16.7
16.7

H3

60+

66.7

33.3

0

H5

60+

66.7

66.7

33.3

PH

20

0

100

0

L1

60+

40

60

40

L2

60+

33.3

66.7

0

L3

40

0

100

0

L4

60+

66.7

66.7

33.3

L5

100+

80

80

60

PL1

100+

80

40

20

PL2

60+

66.7

100

PL3

80+

75

50

66.7
25

PL4

80+

75

50

25

C1

100+

20

100

20

C2

100+

40

100

40

C3

60+

0

100

0

C4

100+

100

20

20

PC1

60+

100

66.7

66.7

PC2

80+

75

50

25

Treatment

PBS
0
0
0
0
+: Indicates a significant difference from the control (within the first column)
*Percent of animals producing milt is taken from the number of animals that responded to
treatment by producing milt, spermatophores or both
** Percent of animals producing spermatophores is taken from the number of animals that
responded to treatment by producing milt, spermatophores or both
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Time to first
milt (hr)

Volume (µL)

Conc.
(sperm/mL)

% Abnormal
sperm

Mean sperm parameters for analysis of milt in preliminary trials

Total

Progressive

% Motility

H1*
2.0
500.0 a
tltc
tltc
tltc
tltc
ab
H2
18.2 ± 11.6
370.0 ± 215.8 ab 4.0x107 ± 4.0x107
9.3 ± 9.3
57.7 ± 11.8 ab
32.7 ± 5.6 a
H3
4.0 ± 1.2 b
18.0 ± 3.6 d
4.7x106 ± 3.0x106
tltc
tltc
tltc
ab
cd
H5
12.0 ± 4.7
25.7 ± 5.9
tltc
tltc
tltc
tltc
PH
^
^
^
^
^
^
L1
24.5 ± 23.5 ab
28.7 ± 11.3 cd 1.9x107 ± 8.5x106
0.2 ± 0.2
48.2 ± 4.6 ab
29.7 ± 2.5 a
L2
18.6 ± 5.6 a
75.0 ± 55.0 bcd 1.7x107 ± 1.4x107
1.0 ± 1.0
17.0 ± 17.0 bc
14.5 ± 14.5 ab
L3
^
^
^
^
^
^
L4
3.5 ± 2.5 b
16.3 ± 2.4 d
2.1x107 ± 1.0x107
0.3 ± 0.3
15.3 ± 7.9 bc
13.7 ± 6.8 b
L5
10.0 ± 17.3 ab
13.9 ± 6.2 d
4.6x106 ± 2.2x106
0.0
43.0 ± 18.6 abc
25.0 ± 8.1
b
d
7
6
PL1
1.0 ± 0.0
17.3 ± 0.0
1.3x10 ± 3.1x10
1.6 ± 0.4
32.6 ± 5.0 a
21.8 ± 3.1
b
ab
7
6
a
PL2
1.0 ± 0.0
243.5 ± 106.5
2.0x10 ± 8.7x10
2.7 ± 0.7
36.2 ± 6.5
25.3 ± 6.5
PL3
1.0 ± 0.0 b
21.0 ± 9.7 cd
tltc
tltc
tltc
tltc
PL4
16.3 ± 7.7 a
53.3 ± 3.3 c
1.1x107 ± 3.3x106
3.0 ± 1.5
7.7 ± 2.8 c
5.7 ± 1.9 b
a
d
6
b
C1*
12.0
20.0
6x10
7.0
35.0
20.0 ab
b
bc
6
5
a
C2
1.0 ± 0.0
100.0 ± 80.1
2.1x10 ± 8.5x10
9.0 ± 2.3
25.0 ± 4.3
14.4 ± 2.1b
C3
^
^
^
^
^
^
C4
7.8 ± 0.44 ab
10.2 ± 4.1 d
5.5x107 ± 2.5x107
2.3 ± 1.7
35.0 ± 6.6 b
28.8 ± 4.6 ab
PC1
1.0 ± 0.0 b
52.5 ± 19.8 bcd 1.3x107 ± 5.1x106
3.8 ± 1.7
33.5 ± 6.9 b
24.3 ± 3.9 ab
ab
b
7
6
a
PC2
6.9 ± 0.1
150.0 ± 0.0
2.0x10 ± 6.0x10
0.0
65.0 ± 4.2
9.3 ± 2.1 b
abc
: Values with different letter superscripts are significantly different from one another within a column (p<0.05)
tltc: sperm concentration was too low in order to assess concentration, motility, or abnormalities
^ Signifies no animals responded by production of milt
*H1 and C1 represent the data of only one animal

Treatment

Table A.3
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NonProgressive
tltc
25.0 ± 6.8
tltc
tltc
^
18.5 ± 2.1
2.5 ± 2.5
^
1.7 ± 1.2
18.0 ± 12.5
1.6 ± 0.4
25.3 ± 3.8
tltc
2.7 ± 1.5
25.0
10.6 ± 2.3
^
6.3 ± 2.2
9.3 ± 3.3
56.3 ± 12.8

21.8 ± 10.7
21.4 ± 24.4
1.4 ± 0.2
0.3 ± 0.05
1.2 ± 0.2

C1
C2
C3
C4
PC1

3.6 ± 0.8
2.1 ± 0.4
1.5 ± 0.3
1.0 ± 0.0
1.3 ± 0.3

1.9 ± 0.3
2.0
1.4 ± 0.2
1.3 ± 0.2
1.7 ± 0.3
2.3 ± 0.5
2.8 ± 1.0
1.5 ± 0.3
2.0 ± 0.0
1.7 ± 0.3
1.6 ± 0.4
1.4 ± 0.3
1.0 ± 0.0
1.5 ± 0.5

Number of
spermatophores

1.0x106 ± 2.5x105
9.9x105 ± 3.4x105
2.5x106 ± 3.9x105
1.6x106 ± 2.3x105
1.9x106 ± 5.6x105

8.9x105 ± 3.1x105
1.2x106
2.3x106 ± 9.5x105
2.3x106 ± 8.2x105
1.0x106 ± 4.9x105
1.1x107 ± 1.1x107
5.9x105 ± 1.8x105
2.1x104 ± 3.8x103
1.3x104 ± 4.3x103
6.4x105 ± 3.1x105
5.2x105 ± 3.0x105
2.0x106 ± 1.6x106
2.0x107
5.0x107 ± 5.0x107

Concentration
(sperm/mL)

PC2
24.0 ± 0.0
1.0 ± 0.0
1.5x106 ± 6.7x105
tltc: sperm concentration was too low in order to assess concentration, motility, or abnormalities
*H2 represents the data of only one animal

11.0 ± 11.8
24.0
13.0 ± 15.6
1.5 ± 0.7
1.0
35.3 ± 18.8
12.5 ± 11.5
36.0 ± 12.0
39.0 ± 9.0
15.8 ± 5.1
26.0 ± 22.0
3.0 ± 1.5
25.5 ± 22.5
27.0 ± 21.0

H1
H2*
H3
H5
PH
L1
L2
L3
L4
L5
PL1
PL2
PL3
PL4

Time to first
spermatophore (hr)

Mean sperm parameters for analysis of spermatophores in preliminary trials

Treatment

Table A.4
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1.5 ± 0.6

4.4 ± 0.9
7.3 ± 1.3
5.5 ± 0.8
12.7 ± 2.3
5.5 ± 2.3

9.2 ± 1.5
16.0
10.6 ± 2.5
7.6 ± 2.4
6.5 ± 1.6
9.0 ± 2.2
3.3 ± 1.0
10.7 ± 5.4
15.3 ± 6.5
9.1 ± 3.9
3.8 ± 1.1
5.0 ± 1.1
0.0
19.5 ± 10.5

% Abnormal
sperm

6.2 ± 2.7

5.3 ± 2.1
6.5 ± 1.8
8.7 ± 1.6
18.0 ± 7.1
16.0 ± 6.3

1.6 ± 1.0
0.0
4.6 ± 4.2
11.3 ± 4.0
1.4 ± 0.9
2.5 ± 2.5
1.9 ± 1.5
5.0 ± 5.0
3.3 ± 3.3
4.6 ± 2.8
1.3 ± 0.9
0.0 ± 0.0
5.0
13.0 ± 13.0

% Total motility

ADDITIONAL METHODS FOR TIGER SALAMANDERS
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Hormone preparation and administration for males
The LHRH was prepared by reconstituting 1.0 mg of LHRH in 1.0 mL of sterile
phosphate buffered saline (PBS; Sigma Aldrich, St. Louis MO, USA). This solution was
then separated into 100.0 µL aliquots for storage at -80ºC. The hCG was prepared by
reconstitution of lyophilized hCG (2500 IU) with sterile PBS (2.5 mL) and the prepared
vial was stored at 4.0 ºC.
All hormones were administered subcutaneously with a 26 gauge needle over the
epaxial muscles. All primed hormone protocols were administered so that the priming
dose (prime) was given over the animals’ right side epaxial muscles and the spermiation
dose (dose) was given 24 hours later over the animals’ left side epaxial muscles.


Individual dose LHRH category: Prior to administration of the hormone,
the necessary dose of LHRH solution would be pipetted from a prepared
aliquot with a sterile pipette tip and mixed with 50 µL of sterile PBS. It
would then be loaded into a sterile 1 mL syringe for administration.



Individual dose hCG category: Prior to administration of the hormone, the
necessary dose of hCG was loaded from the vial into a sterile 1 mL
syringe for administration.



Individual dose Combination category: Prior to administration, the
necessary dose of hCG would be pipetted from the prepared vial into a
sterile microcentrifuge tube with a sterile pipette tip. The necessary dose
of LHRH would be pipetted from a prepared aliquot with a sterile pipette
tip into the hCG in the microcentrifuge tube. The hormones would be
mixed by pipetting the solution up and down 10 times. The hCG and
LHRH solution in the bullet tube was then loaded into a sterile 1 mL
syringe for administration.



Primed LHRH category: Each dose was prepared for administration as in
the individual dose LHRH category. The prime was immediately loaded
into a syringe for administration while the prepared dose was stored at 4ºC
for 24 hours until time of administration.
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Primed Combination: The prime was prepared for administration as in the
individual dose hCG category and loaded into a 1 mL syringe for
administration. The vial was returned to storage at 4ºC. After 24 hours, the
dose was prepared as in the individual dose hCG category and loaded into
a 1 mL syringe for administration.

Collection of Milt
At each collection time point, any spermatophores observed in the water were
gently removed from the container via transfer pipette and immediately placed on a glass
slide for further analysis. The milt collection procedure was performed by picking up the
animal and holding it such that the ventral side of the animal faced the collector. The
cloaca was gently wetted with water and stroked for approximately 5-10 seconds in order
to stimulate the animal. The animal was observed for sexual behaviors and cloacal
puckering at this time (see Appendix C: Physical and Behavioral Analysis). After cloacal
stimulation, firm massage of the sides of the animal. After 1-10 seconds of massaging, a
thick, white milt would be produced from the cloaca and pipetted directly into a
microcentrifuge tube in 10 µL increments. If the animal did not produce milt after
approximately 15 seconds of massage, a small piece flexible 0.86 mm x 1.32 mm micro
medical tube (Scientific Commodities Inc., Lake Harvest City AZ) was used as a catheter
and gently inserted 2mm into the cloaca. and carefully slid in and out of the cloacal
opening in order to stimulate milt production by massaging the animals’ sexual sensory
glands. Milt filled the catheter tubing, which was subsequently emptied into a sterile
microcentrifuge tube. Milt was allowed to fill the catheter tube a maximum of three times
before discontinuing catheterization.
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Hormone preparation and administration for females
Lyophilized hCG and synthetic LHRH ([des Gly 10 D-Ala6] LHRH ethylamide
acetate salt hydrate) were obtained from Sigma Aldrich, St. Louis MO, USA. The LHRH
and hCG were prepared as described in section 2.2.2 in the Hormone preparation and
administration subsection. Hormones were administered subcutaneously with a 26 gauge
needle over the epaxial muscles. Priming doses given 24 hours prior to the ovulatory dose
were administered over the animals’ right side epaxial muscles and the ovulatory dose
was given over the animals’ left side epaxial muscles. For preparation of doses prior to
administration:


hCG priming doses: Prior to administration of the hormone, the necessary
dose of hCG was loaded from the vial into a sterile 1 mL syringe for
administration.



Combination ovulatory dose: Prior to administration, the necessary dose of
hCG would be pipetted into a sterile microcentrifuge tube. The necessary
dose of LHRH would be pipetted into the hCG in the microcentrifuge
tube. After mixing the hormones by pipetting the solution up and down 10
times, the solution was loaded from the tube into a sterile 1 mL syringe for
administration.

Ultrasound Procedural Detailing
A Sonosite Micromaxx ultrasound machine, equipped with an HFL38x model (613 MHz) 38mm linear transducer, was used for performing ultrasounds. The frequency
was set on the general setting, the depth was set at 2.7cm, and the gain was adjusted as
needed for all animals of all species. The transducer was cleaned off with ethanol
between animals that were not cohabitating and the entire machine was thoroughly
cleaned between species. All ultrasounds were performed by the same individual who
was trained in ultrasonography. A linear transducer is highly recommended over a
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curvilinear transducer for clarity and definition of the follicles and oocytes. The
frequency was placed on the general setting, and a depth of 2.7 cm was used for all
animals. The breast and tissue setting was used for all animals and gain was adjusted as
needed. For the ultrasound procedure, animals were held in dorsal recumbency and their
abdomen was wetted thoroughly with dechlorinated, conditioned tap water for
conductance. The linear probe was placed transversely across the widest part of the
abdomen (Figure B.1). The probe was slowly angled or adjusted so that an even,
transverse image of the abdomen and ovaries was obtained.
Animals were held in the palm of the investigator’s hand, in dorsal recumbency,
for ultrasound. The animal’s ventrum was wetted thoroughly with dechlorinated and
conditioned tap water or reverse osmosis water for use as a conductor. The transducer
was laid transversely across the thickest part of the animal’s abdomen in order to examine
for ovaries in females and over the pelvic area in order to examine for the thickened
collecting ducts entering the cloaca in males.
The method of looking at the collecting ducts was found preferable to observing
for the discrete testicular organ or the Wolffian duct in these species. Some species of
amphibians have a discrete testicle more cranial in the coelomic cavity, close to the liver.
In the species discussed in this experiment, the discrete organ is either extremely small or
poorly defined [Sever]. The Wolffian duct is retained in male salamanders and used to
transport sperm to the mesonephric kidney. This long, tortuous tube becomes engorged in
males that are producing sperm and can sometimes be spotted on ultrasound. However,
the Wolffian duct is very difficult to differentiate from intestine, posing confusion to the
amateur on ultrasound. Additionally, females also retain their Wolffian ducts and utilize
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them for urine transport [Sever2, Siegel]. Of the identifying ultrasonic qualities for males,
preliminary trials showed the thicker collecting ducts of males to be the most reliable
identifier of quality. The ducts are usually seen in transverse cross-section, so will appear
as intensely hypoechoic circles surrounded by a thickened hyperechoic membrane
(Figure 5.2A; Figure 5.3A; Figure 5.4D). The thickness of the membrane and the
diameter of the ducts will vary, dependent on reproductive activity.
Females were identified by observing ovaries within the coelomic cavity. Ovaries
of tiger salamanders and blue spotted salamanders were identified by hyperechoic (light),
defined, round oocytes, measuring 0.36 ± 0.03 to 3.36 ± 0.73mm, and depend on of
development level (see table 3.1). The smaller oocytes were densely packed, with little to
no hypoechoic (dark) area between them. The larger oocytes had large, evenly spaced
regions of hypoechogenicity between them. The layman description that was used to
describe ovaries in training sessions was that the oocytes appeared as “stars in a dark
night sky” (Figure 5.2 B, Figure 5.3 B).
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Figure B.1

Ultrasound probe placement

The ultrasound probe is placed so that it lies transversely across the widest part of the
animals’ abdomen.
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BEHAVIORAL AND PHYSIOLOGICAL ANALYSIS OF AMBYSTOMA TIGRINUM
IN RESPONSE TO HORMONE TREATMENT
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Materials and Methods for evaluation of male Ambystoma tigrinum behavioral
responses to hormone treatments
All procedures and measurements were taken alongside the treatments performed
in Chapter II: Development of Hormone Protocols fot the Induction of Spermiation in
Male Tiger Salamadners (Ambystoma tigrinum). For additional information on these
treatments and the hormones delivered to the animals, please see Chapter II.
Cloacal Measurements
Animal weight was recorded immediately prior to each hormone treatment. For
the first 24 hours of the observation period during which sperm collections were
attempted, the collector would measure the cloaca length, width, and height with calipers
prior to collection of milt. At the end of each observation period (see Chapter II, Section
2.2 Materials and Methods), the rate of change over the first 24 hours of observation, in
mm, was calculated for the cloacal width, length, and height.
Behavioral Assessment
After cloacal measurements were obtained, the cloaca was wetted with water from
the animal’s own container and stimulated by gentle stroking with a gloved index finger
for approximately 5-10 seconds. The animal was observed for behavioral responses,
including a tail raise, clasping of the finger with the hind limbs, and a waving of the tail
in a “tail dance” courtship-like motion. Behavioral responses were rated, as noted in the
table below (Table B.1). At the end of each observation period, the behavioral response
ratings were added together and a mean was taken. The mean behavioral response rating
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calculated was used as the animal’s overall behavioral response rating for the hormone
treatment.
Table C.1

Rating scale of behavior for Ambystoma tigrinum treated with hormone
Rating

Behavioral response

0

None

1

Tail Raise

2

Clasping of finger

3

Tail Dance

Physical Response Assessment
During the 5-10 seconds in which the animal was stroked, the animal was
observed for physical responses including cloacal opening and a foam response. If the
cloaca was opened, exposing pink tissue and puckering, this was noted and the
measurement of the opening was taken using calipers. After the observation period, the
mean amount of the opening of the cloacal for the entire period was recorder. If a foam
response was observed, noted by a frothy, yellowish substance appearing at the cranial
base of the cloaca, this was recorded as a binary “yes” or “no” variable. Foam response at
the end of the observation period was recorded as a “yes” or “no,” also noting whether
animals produced sperm during the observation period.
Statistical Analysis
Simple logarithmic regression was used to assess the relationship between the
binary variable of production of foam upon cloacal stimulation (foam response) with the
predictor variables of behavior, rate of change in cloacal measurements, response*, milt
response*, spermatophore response*, amount of milt produced (µL)*, concentration of
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milt produced (spermatozoa/mL)*, total motility of milt (%)*, non-progressive motility
of milt (%)*, progressive motility of milt (%)*, abnormal spermatozoa in milt (%)*,
number of spermatophores overall*, number of each grade of spermatophore*, total
motility of spermatophores (%)*, abnormalities of sperm in spermatophores (%)*, and
concentration of spermatophores (spermatozoa/mL)*. (Variables noted with an * are
described in Chapter II).
Results
There was no significant difference between treatments width of cloacal opening
(mm) or the rate of change in the width or height of the cloaca (mm/hr). There was a
significant difference between treatments regarding rate of change (mm/hr) in cloacal
length (p=0.03; F=1.96; MSE=0.3; R2=0.2). The PC resulted in a significantly greater
rate of change in cloacal length than in eight of the other treatments (L1, L2, L4, L5, PL1,
PL2, C1, and C2).
There was a significant difference between treatments regarding behavioral
response (p=0.001; F=3.4; rMSE=1.0; R2=0.2). Animals given H3, L3, L5, PL1, or PL2
gave a behavioral response more frequently than those treated with three of the other
treatments (H1, H2, and C2)
The logistic regression model was significant for foam and response to treatment
(χ2=41.5; p<0.001; CI 95%: 5.1-21.3) with animals that produced a foam response on
cloacal stimulation being 10.4 times more likely to respond to treatment than animals that
did not produce a foam response. In looking at responses by producing spermatophores or
milt, the model for foam production and milt response was significant (χ2=56.5;
p<0.0001; CI 95%: 6.8-26.4) with animals producing foam being 13.4 times more likely
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to produce milt than animals that did not produce foam. The logistic model for foam
response and spermatophore response, however, was not significant. Foam response was
also associated significantly with behavioral response (χ2=19.8; p<0.0001; 95% CI: 0.24.1).
Logistic regression showed a significant model for overall number of
spermatophores and foam response (χ2=7.4; p=0.006; 95% CI: 0.1-0.7). Animals
producing a foam response were 0.3 times more likely to produce a higher number of
spermatophores than those that did not produce a foam response. Similarly, the model for
foam response and number of grade 3 (χ2=5.1; p=0.02; 95% CI= 0.3-0.9) and grade 4
spermatophores was significant (χ2=4.5; p=0.034; 95% CI: 0.1-0.9). An animal that
produced a foam response was 0.5 times more likely to produce a grade 3 spermatophore,
and 0.3 times more likely to produce a grade 4 spermatophore than one who did not
produce a foam response on cloacal stimulation.
Logistic regression models for foam response and amount of milt (µL),
concentration of milt (spermatozoa/mL), total motility of milt (%), non-progressive
motility of milt (%), progressive motility of milt (%), abnormalities of spermatozoa in
milt (%), number of grade 1 spermatophores, number of grade 2 spermatophores, number
of grade 5 spermatophores, concentration of spermatophores (spermatozoa/mL), the total
motility of spermatophores (%), and spermatozoa abnormalities in spermatophores (%)
were not significant.
The model between spermatophore response and behavioral response was also
significant (χ2=9.5; p=0.002; CI 95%=1.5-2.0). Animals responding by spermatophore
production were 1.5 times more likely to produce a behavioral response than animals that
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did not respond by spermatophore production. For response by production of milt, the
logistic model with behavioral response was also significant (χ2=35000; p<0.0001; CI
95%: 2.7-7.2). An animal that responded by production of milt was 4.4 times more likely
to produce a behavioral response than those that did not respond by production of milt.
There was no significant relationship see on logistic regression between
spermatophore response or milt response and rate of change in cloacal width (mm/hr),
rate of change in cloacal height (mm/hr), or rate of change in cloacal length.
The model for response and behavioral response, however, was significant
(χ2=43.8; p<0.001; CI 95%: 3.4-9.8). Animals that responded to treatment were 5.8 times
more likely to have a behavioral response than those that did not response to treatment.
No significance was seen in logistic models for response and rate of change in
cloacal width (mm/hr), rate of change in cloacal height (mm/hr), or rate of change in
cloacal length (mm/hr).
There was a significant relationship between the induced behavioral response and
overall response to treatment, as well as milt production and sperm production.
Hormones including sex steroids, prolactin, and arginine vasotocin are associated with
courtship behavior in amphibians [Kim et al, 2013; Moore et al, 1992; Rose et al, 1995;
Toyoda et al, 2004; Toyoda et al, 1996]. The role of gonadotropins in regulating sexual
behaviors primarily appears to be in the regulation of the levels of the sex steroids
[Moore et al, 2005; Moore et al, 1992]. Thus the hCG protocols likely induced behavioral
effects in the male eastern tiger salamanders by increasing levels of circulating
testosterones. While an increase of LHRH would also play some role in regulation of the
sex steroids, there has been some implications of LHRH as a direct regulator of sexual
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behavior [Norris & Lopez, 2011; Moore et al, 2005], potentially playing a role in
pheromone regulation [Norris & Lopez, 2011] Further investigation into the effects of the
hCG and the LHRH doses used in this study on the neuroendocrinology of the animals is
needed to fully understand the behavioral response seen. However, the behavioral
response was a significant indicator to show that animals were likely to produce a general
response, a response by production of milt, or a response by production of
spermatophores. While further study is necessary to determine the implications of the
behavioral responses that were elicited during this study, these responses may be used as
an indicator to determine if a male salamander that has been injected with hormones is
responding to the treatment and if it is likely to produce sperm. The production of foam
upon cloacal stimulation was significantly related to the behavioral response, occurring
more frequently in animals that also showed a behavioral response.
The production of foam was also a significant indicator of whether an animal
would respond to treatment, as well as of the quality of the sperm that would be
produced. The induction of a foam response upon stimulation of the cloaca was
associated with an overall response to treatments, a spermatophore response, and a milt
response. Foam response was significantly associated with higher numbers overall of
spermatophores, and specifically of G3 and G4 spermatophores. It has been noted that
males within some species of quail (genus Coturnix) are known to produce a foam from a
proctodeal gland in their cloaca when they are ready to breed [Mohan et al, 2002; Mohan
et al, 2005; Singh et al, 2010]. The biochemical composition of this foam has not been
entirely characterized, but has been found to contain a composition of protein, enzymes
common to blood serum, lactate mucopolysaccharides, transaminase, and phosphatase.
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The foam produced by the birds is recognized as playing a role in male fertility,
enhancing sperm motility, and disaggregation of sperm [Mohan et al, 2002; Singh et al,
2010]. The foam that was seen produced from the male eastern tiger salamander cloaca in
this study may have a similar function to that seen in quail species. Salamanders are
recognized as having proctodeal glands [Norris & Jones, 1987], although the function and
true classification of these glands has been disputed [Sever, 1991]. Further analysis of the
content of the foam that was produced with these hormone protocols, and of the cloacal
glands from which the foam originated, is warranted for a better understanding of the
foam and its indications. Foam was also noted to be significantly associated with a
behavioral response. As noted with the behavioral response, while a better understanding
of these reactions is necessary to grasp the implications, they may be used in order to
observe a male salamander’s response to hormone treatment and to predict sperm
response.

216

1.0 ± 0.08
0.7 ± 0.06
1.0 ± 0.08
0.8 ± 0.07
0.5 ± 0.06
0.6 ± 0.06
0.6 ± 0.06
0.8 ± 0.07
0.6 ± 0.07
0.6 ± 0.06
0.7 ± 0.07
0.4 ± 0.05
0.02 ± 0.02

1.0 ± 0.07 bc

1.5 ± 0.07 a

1.3 ± 0.07 ab

1.1 ± 0.07 ab

1.4 ± 0.07 a

1.1 ± 0.08 ab

1.4 ± 0.09 a

1.3 ± 0.06 ab

1.3 ± 0.07 a

1.3 ± 0.07 a

0.7 ± 0.3 c

1.1 ± 0.06 ab

0.01 ± 0.009 d

H2

H3

L1

L2

L3

L4

L5

PL1

PL2

C1

C2

PC

PBS

-0.02 ± 0.02 ab

0.1 ± 0.1 a

-0.05 ± 0.06 b

-0.04 ± 0.07 b

-0.03 ± 0.05 b

-0.03 ± 0.07 b

-0.05 ± 0.06 b

-0.07 ± 0.06 b

0.02 ± 0.08 ab

-0.3 ± 0.2 b

-0.05 ± 0.07 b

0.007 ± 0.1 ab

-0.007 ± 0.06 ab

0.06 ± 0.06 ab

Rate of change
cloacal length

For list of treatment codes, see Table 2.2 in Section 2.2.2

-0.008 ± 0.3

-0.03 ± 0.08

-0.06 ± 0.07

-0.3 ± 0.07

-0.06 ± 0.08

0.02 ±0.07

0.003 ± 0.09

0.04 ± 0.07

-0.04 ± 0.07

-0.04 ± 0.06

0.008 ± 0.08

-0.04 ± 0.1

0.007 ± 0.07

-0.1 ± 0.1

0.4 ± 0.09

H1

Rate of chance
cloacal width

Cloacal
Opening

0.04 ± 0.03

-0.03 ± 0.07

0.007 ± 0.07

-0.2 ± 0.3

0.03 ± 0.08

0.02 ± 0.07

-0.003 ± 0.09

-0.04 ± 0.07

-0.04 ± 0.8

0.0 ± 0.0

0.06 ± 0.07

0.01 ± 0.07

-0.02 ± 0.06

-0.007 ± 0.06

Rate of change
cloacal height

0.0 c

53.3 b

66.7 ab

53.3 b

66.7 ab

73.4 a

73.7 a

46.7 ab

53.3 ab

33.3 abc

46.7 ab

40.0 ab

26.7 bx

Animals
producing
foam (%)*
20.0 bc

0.0 d

46.7 ab

40.0 abc

33.3 abc

60.0 ab

66.7 a

66.7 a

46.7ab

46.7 ab

20.0 bc

33.3 abc

26.7 bc

26.7 bc

20.0 bc

Animals producing
foam and sperm (%)*

Mean behavioral and physiological parameters for the final thirteen hormone treatments and control PBS treatment

Mean
Behavioral
Response
1.0 ± 0.07 bc

Table C.2
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SHORT TERM COLD STORAGE OF TIGER SALAMANDER
(AMBYSTOMA TIGRINUM) SPERM
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Figure D.1

Motility and abnormalities of fresh collected milt over the course of 48
hours when stored at 4ºC

Sperm was stored, starting at the collection point (time 0), at 4ºC for 48 hours. Missing
data points accounted for by: multiple collections stopped moving prior to the
termination of the 48 hour observation period; some collections had no visible motility at
one time point and then would have visible motility again later. A collection would not
be read as fully “immotile” until three subsequent readings had zero motility.
Materials and Methods
Milt was collected as described in Chapter II. Once collected and assessed, milt
was stored at 4ºC for 48 hours in order to determine the longevity of sperm motility over
this time period. Sperm was assessed every other hour for the first eight hours and then
ever four hours for the remainder of the 48 hour period for motility and abnormalities.
Assessment took place as described in Section
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DETAILED DEVELOPMENTAL STAGES OF THE EASTERN TIGER
SALAMANDER (AMBYSTOMA TIGRINUM)
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Materials and Methods
Embryos were produced via in vitro fertilization using methods described in
Chapter V. Development of embryos was observed under a stereoscope both manually
and digitally (via camera stop motion capture) such that they were observed every 2
hours during development for the first 48 hours and then every 6 hours thereafter. Stages
were labeled and numbered similarly to those observed in Ambystoma mexicanum and
Ambystoma maculatum by Harrison and by Shreckenberg.
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Table E.1

Developmental staging of the eastern tiger salamander (Ambystoma
tigrinum)

Stage

Hour
Occuring
Post IVF

Description

1: No
Cleavage

0-18

Fertilization is
difficult to
determine.
Occasionally a
spot at the animal
pole (polar
bodies) can be
visualized,
signifying
reorganization of
organelles

2: 2 Cell

5-18

The cleavage
furrow splits the
embryo.

Image

Stages 1 and 2; To 2 cell
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Table E.1 (continued)
3: 4 Cell

8-21

A second
cleavage furrow
forms at a right
angle to the
first.

4: 8 Cell

8-21

The cells are no
longer evenly
divided.

Stages 3 and 4; To 8 cell.
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Table E.1 (continued)
5: 16 Cell

12-26

Sixteen cells crown
the animal pole.

6: 32 Cell

12-32

Approximately
thirty two cells.

Stages 5 and 6; To 32 cell
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Table E.1 (continued)
7: Early
Blastula

17-36

Animal pole
cells are no
longer cleaving
at the same
time.

8: Blastula

21-48

Innumerable
small cells

Stage 7 and 8; To Blastula
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Table E.1 (continued)
9-10: Dorsal
Lip
Invagination
and
Involution

32-64

Invagination
of the dorsal
lip begins at
the vegetal
pole

11:
Blastopore

36-81

Lip forms a
semi-circle,
yolk can be
seen touching
lip

Stages 9 to 11; To Blastopore
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Table E.1 (continued)
12: Yolk
Plug

48-98

13-14:
57-111
Early
neurula;
Neural plate
formed

Egg shape
becomes
slightly
elongated;
blastopore is
complete,
forming a
circle around
a yolk plug

Egg is
flattened
dorsally and
elongated
anteriorly

Stages 12 to 14; to Early Neurula
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Table E.1 (continued)
15:Closing
neural plate

61-127

The neural
plate is
formed,
surrounded by
the prominent
neural ridge

16-17

63-132

The neural
folds begin to
raise and
close

Stages 15 to 17; To closing of the neural folds
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Table E.1 (continued)
18: Closing
brain plate

63-146

The neural
folds raise
higher and
the gap
between
them narrows

19: Closed
neural folds

64-157

The neural
folds are
lined up side
by side, but
not yet
sealed

Stages 18 and 19; To closed neural folds
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Table E.1 (continued)
20: Closing
folds;
beginning
tail bud

66-171

The neural
folds fuse

21-23: Early
tail bud

68-204

Folds are
completely
fused; the
head becomes
visible, along
with the optic
vesicles and
the
mandibular
arch

Stages 20 to 23; To Early Tail Bud
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Table E.1 (continued)
24-25:

68-218

Head very
prominent,
branchial
swelling
appears

26-27:

72-229

The body
begins to
elongate, the
branchial
swelling
becomes more
prominent

Stages 24 to 27; to prominent branchial swellings
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Table E.1 (continued)
28-30:

74-158

Pharyngeal
pouches begin to
show
prominently;
further
elongation of the
body; gill
regions become
more distinct

31-32

72-268

Head begins to
straighten
pharyngeal
pouches and gill
regions more
developed

Stages 28-32; To Developing gill regions
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Table E.1 (continued)
33-34

74-297

Head begins to
straighten
pharyngeal
pouches and
gill regions
more
developed; Tail
straightens and
elongates and
heart develops

35-36:

83-344

Pigment begins
to appear; Gill
sprouts become
apparent; blood
vessels develop

Stages 33 to 36; To blood vessel development
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Table E.1 (continued)
37

38

86-382

Gills more
prominent,
increased
pigment,
increased blood
flow

Forelimb
becomes
visible; gills
taper distinctly;
mucus
secretion
begins

Stages 37 and 38; To mucus secretion
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Table E.1 (continued)
39:

91-391

The mouth
becomes
visible.

40:
Hatching

99-403

Gills are
feathery with
filaments; eye
choroid is
clear; embryo
is prepared to
hatch, mouth
is opened

45: Hatched

99-403

By stage 45,
larvae is free
swimming,
has limb buds,
yolk has been
absorbed, and
animal is
eating

Stages 39 to 45; To hatched
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APPLICATION OF ASSISTED REPODUCTIVE TECHNOLOGIES DEVELOPED IN
EASTERN TIGER SALAMANDERS (AMBYSTOMA TIGRINUM) TO THE
THREATENED BLUE SPOTTED SALAMANDER
(AMBYSTOMA LATERALE)
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Introduction
Over the last decade, efforts have been made to increase captive breeding of
threatened and endangered amphibians by the establishment of captive assurance colonies
[Browne et al, 2006; Griffiths & Pavajeau, 2008; Obringer et al, 2000; Kouba & Vance,
2009]. Due to difficulty in replicating the very specific environmental cues needed for
stimulation of breeding in these animals in a captive setting, these colonies frequently
undergo failure [Griffiths & Pavajeau, 2008; Kouba & Vance, 2009; Obringer et al, 2000;
Stoops & Campbell, 2014]. Because of the difficulty in simulating natural cues, captive
assurance colonies are more commonly relying on assisted reproductive technologies
(ART), including exogenous hormones and in vitro fertilization, in order to successfully
breed animals. In order to ensure these technologies are safe for endangered species, they
are frequently developed in model species that are not considered under threat. One of the
many challenges of successfully developing ART is transferring protocols developed in
model species to endangered species. Even when a protocol is developed in a species
closely related to the target species, due to species specific differences the protocols may
not successfully transfer. These protocols may need adapting to the target species.
Successful transference and adapting to the target species is critical to the success of ART
in captive assurance colonies.
In 2007, a captive assurance colony for the regionally threatened blue spotted
salamander (Ambystoma laterale) was established between a partnership with the Iowa
Department of Natural Resources and Omaha’s Henry Doorly Zoo and Aquarium. In
Iowa, A. laterale populations have declined and currently only breed at two temporal
water bodies. A third temporal water body was selected for reintroduction of the species.
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For seven years, natural breeding of the captive A. laterale was attempted, but failed. In
2014, the partners decided to attempt ART in the blue spotted salamander captive
assurance colony.
In these studies, protocols for the use of exogenous hormones to induce the
deposition of gametes which had been developed in eastern tiger salamanders
(Ambystoma tigrinum) were applied to the closely related, regionally endangered blue
spotted salamander (Ambystoma laterale).
Materials and Methods
Experimental Animals
Eleven blue spotted salamanders, six males and five females, maintained at
Omaha’s Henry Doorly Zoo in their Amphibian Conservation Area were utilized in this
study. Animals were maintained in small Waterland tubs, with moist cocofiber and
recirculating RO water. Substrate was replaced monthly and cleaned as needed in
between. Water was topped off as needed and a 20% water change was performed
weekly. Temperature was maintained on a seasonal cycle. Animals were fed a variety of
crickets, small worms, and flies five days a week which were cultured at the zoo and gut
loaded with a nutritional diet.
Two animals, one male and one female, died during the course of the
experimentation due to causes unrelated to experimentation. They were only used in the
June 2014 trial and were not used in the remaining four trials. For the remainder of the
trials, five males and four females were used. The data shown are raw data for these
animals.
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Hormone induction of spermiation
Spermiation was induced in males by using one of two protocols described in
Chapter II. The two protocols selected for use in the blue spotted salamanders were
either the combination of 100 IU hCG and 0.05 µg/g LHRH or the single dose of 0.5µg/g
LHRH. These treatments were replicated a total of four times: in June 2014, in November
2014, in March 2015, and in October 2015. In June 2014, the animals had not yet been
sexed via ultrasound. Because it was unclear which animals were females prior to
ultrasound sexing or determination of sex via gamete collection, all males also received a
prime of 1 IU/g of hCG one week prior to the spermiation dose. Ultrasound sexing
occurred three days after the priming dose and spermiation dose was delivered based on
the sex noted on ultrasound (see Chapter VI). Sperm was collected and analyzed as
described in Chapter II. Three out of the four spermiation attempts (June 2014, March
2015, and October 2015), all males produced sperm. Raw data from these three
repetitions are displayed in figures F1-5. Figures F6-7 show a time curve of concentration
and milt amount, respectively, collected over the course of 72 hours in June of 2014.
Hormone induction of oviposition
All females were treated with 1IU/g hCG one week prior to a prime of 2IU/g hCG
followed 24 hours later by an ovulatory dose of 4IU/g hCG and 0.1µg/g LHRH. Attempts
to induce oviposition were made four times, at the same time of year as listed for male
salamanders above. In June of 2014, sex of females was unknown. The initial 1 IU/g of
hCG prime was given prior to ultrasound sexing and ovulatory dose was administered
based on sex determined via ultrasound (See Chapter VI). Females were observed via
ultrasound for follicular development and eggs were collected following procedures
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described in Chapter IV. The grading scale for female A. laterale can be seen in Table
F.2 and compared to that of A. tigrinum in Table 4.1. Only at one of the four attempts to
hormonally induce oviposition in A. laterale did the females oviposit eggs. Raw data
from this attempt (June 2014) is shown in Figure F.8.
In vitro fertilization
Procedures for in vitro fertilization were identical to those in Chapter V. Fresh
sperm collected from A. laterale was very low in concentration and was not diluted prior
to depositing onto eggs. Frozen-thawed sperm was used from A. tigrinum when fresh
sperm was not available,. As this is a species that naturally undergoes kleptogenesis,
these attempts were made in hopes that parthenogenesis would be induced by activation
of the A. laterale eggs via the A. tigrinum sperm.
As previously mentioned, four attempts were made to hormonally induce
oviposition in female blue spotted salamanders, and only at one of these attempts did the
females oviposit eggs. Therefore, as eggs were only present in one out of the four trials,
IVF was only attempted in one out of four trials. Raw data from this attempt (June 2014)
is shown in table F.1.
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Figure F.1

Average concentration (±SEM) of milt produced by each male Ambystoma
laterale in June of 2014, March of 2015, and October of 2015

Each animal produced sperm collected at time points over the course of 72 hours. The
average concentrations for each trial are shown here. These concentrations were notably
lower than those seen in A. tigrinum.
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Figure F.2

Total amount of milt collected from each male Ambystoma laterale for
June 2014, March 2015, and October 2015

Each animal produced sperm which was collected at time points over the course of 72
hours. The total amount of milt collected for each trial is shown here.
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Figure F.3

Average concentration (±SEM) of milt collected for each treatment in
Ambystoma laterale for June 2014, March 2015, and October 2015

This compares the average concentrations collected for each treatment (Combination: 100
IU hCG + 0.05 µg/g LHRH; LHRH: 0.5µg/g LHRH) for a single collection. While these
concentrations are not significantly different, the LHRH produced milt with lower
concentrations overall than the combination.
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Figure F.4

Average amount of milt collected (±SEM) for each treatment in male
Ambystoma laterale for June 2014, March 2015, and October 2015

This compares the average amount of milt collected for each treatment (Combination:
100 IU hCG + 0.05 µg/g LHRH; LHRH: 0.5µg/g LHRH) for a single collection. While
these amounts are not significantly different, the LHRH produced milt with lower
amounts overall than the combination.
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Figure F.5

Total number of spermatophores collected from each male Ambystoma
laterale for March 2015, and October 2015

Note: no spermatophores were collected in June 2014
Each animal produced sperm which was collected at time points over the course of 72
hours. The total amount of spermatophores collected for each trial are shown here.
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Figure F.6

Amount of milt produced, in µL, by Ambystoma laterale over time for June
of 2014

Figure F.7

Concentration of milt produced by Ambystoma laterale over time for June
of 2014
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Figure F.8

Total number of eggs produced per each female Ambystoma laterale for
June of 2014

Each animal oviposited at time points over the course of 72 hours. The total egg counts
are shown here. While these egg counts are far smaller than A. tigrinum, normal clutcxh
size for A. laterale is reported as anywhere from 2 to 500 eggs.
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Sperm
Type

4

7

11.6

33

11.6

33

0

33

20

0

0

20

100

%Blastula From
Cleaved

0

0

0

0

6.7

0

0

20

0

% Neurula from
cleaved

No embryos developed beyond the Neurula stage, likely due to poor quality eggs. Frozen-thawed A. tigrinum sperm was used in
order to induce parthenogenesis.

Total

17

1x106

0

3

7

1x106

5

3

33

0

1x106

6

13

0

20

100

9

2

52

0

0

Nonprogressive
14

% Cleaved from
laid

20

3.0x105

2

0

0

14

Progressive

% Motility

Total 15

1.3x104

6

1.1x104

Sperm
Concentration

2.0x103

Egg Number

IVF attempts made in A. laterale in June of 2014 using both fresh sperm from A. laterale and frozen-thawed sperm
from A. tigrinum

5

2

Table F.1

Fresh A. Laterale

Frozen—Thawed
A. Tigrinum
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Table F.2
Grade
G3
(High Grade)

Ultrasound grading scale in Ambystoma laterale
Image on Ultrasound

Description
Near Complete
Development:
-Follicles hypoechoic
and rounded
-Well defined, well
spaced, hyperechoic
oocytes

G2
(Mid- Grade)

Moderate development:
-Follicles uneven areas
of hypoechogenicity
-Uneven spacing
between moderately
developed oocytes

G1
(Low Grade)

Poor Development:
-Follicles and oocytes
tightly clumped together
-Small and poorly
developed follicles and
oocytes
-Little to no areas of
hypoechogenicity
between follicles
No Development:
-Little to no obvious
follicular or oocyte
development

G0
(No grade)

The scale for ultrasound was based on the protocol for Ambystoma tigrinum. The
principle for grading was the same. Oocytes appeared slightly more dense and closer
together in A. laterale than in A. tigrinum.
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EFFECTS OF SOLUTIONS OF DIFFERENT OSMOLALITIES ON THE MOTILITY
OF AMBYSTOMA TIGRINUM SPERMIC MILT
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Materials and Methods
Milt was collected and assessed for initial concentration and motility as described
in Chapter II. After initial assessment, milt was diluted 1:200 in solutions of either NaCl,
KCl, or sucrose of 100, 300, or 600 mOsm or 1:200 in embryo transfer water (Sigma
Aldrich, St. Louis MO, USA). Sperm was immediately assessed for changes in motility
or changes in abnormalities. The diluted sperm solutions were then chilled at 4ºC and
were observed every hour for 6 hours in order to observe the change in motility over
time.
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Table G.1

Raw data of the changes in motility and abnormalities seen when fresh milt
of Ambystoma tigrinum was exposed to solutions of different osmolalities

Osmolality Solution % Total
Motility
Water
H2O
4.0 ± 1.9
KCl

Original %
%
Original %
Total Motility Abnormalities Abnormalities
59.1 ± 24.3
8.2 ± 5.4
1.7 ± 0.6

9.5 ± 3.7

59.1 ± 24.3

0.8 ± 0.4

1.7 ± 0.6

11.8 ± 3.9

59.1 ± 24.3

6.2 ± 2.9

1.7 ± 0.6

Sucrose

0.0 ± 0.0

59.1 ± 24.3

2.0 ± 1.3

1.7 ± 0.6

KCl

13.7 ± 3.2

59.1 ± 24.3

0.4 ± 0.2

1.7 ± 0.6

11.8 ± 4.0

59.1 ± 24.3

3.2 ± 0.7

1.7 ± 0.6

Sucrose

0.3 ± 0.3

59.1 ± 24.3

1.6 ± 0.8

1.7 ± 0.6

KCl

9.2 ± 2.9

59.1 ± 24.3

0.8 ± 0.2

1.7 ± 0.6

1.7 ± 0.7

59.1 ± 24.3

10.0 ± 2.8

1.7 ± 0.6

0.7 ± 0.7

59.1 ± 24.3

6.4 ± 2.2

1.7 ± 0.6

100 mOsm NaCl

300 mOsm NaCl

600 mOsm NaCl
Sucrose

Original total motility and abnormalities represent the values of these parameters prior to
dilution with the KCl, NaCl, sucrose, or water.
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